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Abstract 

Heart disease and cancer continues to be the leading cause of death. Apoptosis 

plays a major role in progression of heart disease by contributing to heart muscle loss. On 

the other hand, apoptosis is inhibited in cancer causing cancer growth. Several 

microfluidic devices were developed to study apoptosis in heart disease and cancer. 

Microfluidic devices with oxygen sensing capabilities were fabricated to study cell death 

during ischemia/reperfusion injury in porcine cardiomyocytes. The functional decline of 

heart muscle cells has been linked to the development of heart failure. Apoptosis has 

been identified as a major mechanism of the loss of cardiomyocytes. On-chip oxygen 

sensing was achieved using oxygen sensitive fluorescent dye to create hypoxic 

microenvironment for cells. Cardiomyocytes were cultured in a low-shear microfluidic 

culture chamber at <1% oxygen for 3-5 hours to study cellular response to ischemia. The 

oxygen supply was subsequently returned to 21% to study cellular response to 

reperfusion. Mitochondrial depolarization, the earliest stage of apoptosis was studied by 

assaying mitochondrial membrane potential using the fluorescent probe, MitoTracker 

Red. We observed that mitochondrial depolarization is initiated in ischemia as well as 

reperfusion, but the fraction of apoptotic death is larger during reperfusion. The fraction 

of apoptotic cells were observed to be 3 % at two hours of ischemia and increased up to 

22% at the end of ischemia period as compared to 0% in the control samples.  Our results 

were comparable to studies performed on whole animals. Our findings show that primary 

porcine cardiomyocytes are susceptible to apoptosis after only short periods of ischemia 

followed by sudden reperfusion.   
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The microfluidic culture device and oxygen sensing capabilities developed in this 

work were also modified to study the effects of hypoxia on drug resistance of cancer 

cells. A vacuum actuated low-shear microfluidic device was used to study the drug 

response of prostate cancer (PC3) cells and Ramos B cells. Cells were cultured in the 

chip upto 16 hours and treated with staurosporine to induce apoptosis. The loss of 

mitochondrial membrane potential was measured using MitoTracker Deep Red; 

phosphatidylserine externalization was measured using Annexin V coupled to Alexa 

Fluor 647. For hypoxic samples, the chip was placed in a hypoxia chamber and pre-

conditioned at <1% oxygen before inducing the cells with staurosporine. At 1 hour, PC3 

cells exposed to 2 µm staurosporine were 32% ± 10% apoptotic under normoxic 

conditions but only 1.5% ± 12% apoptotic under hypoxic conditions. Whereas, 86% ± 

9% of Ramos cells were apoptotic under hypoxic and normoxic conditions, indicating 

that hypoxia response is more developed in solid tumors when compared with circulating 

cancer cells.  As little as 1 hour of hypoxic preconditioning increased drug resistance in 

PC3 cells. Our results indicate that hypoxic microenvironments and drug resistance have 

a strong correlation. Our device was capable of on-chip apoptosis assays, and our 

approach was able to produce hypoxic environments with facile measurement of oxygen 

concentration. 

Finally, to study the changes in protein glycosylation patterns, microfluidic 

capillary electrophoresis devices with integrated electrospray capability were developed. 

Glycans have been reported to be involved in several biological processes and the 

attachment of glycans to proteins during glycosylation can be significantly altered in 
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disease conditions. Multiple glycosylation sites lead to structural variations, which 

presents a significant challenge in glycan analysis. Capillary electrophoretic techniques 

provide isomer resolutions but not structural elucidation. At the same time, mass 

spectrometric techniques lack isomer resolution but provide structural information. 

Therefore, combining these two techniques enables the separation and identification of 

complex glycans. Material such as polydimethylsiloxane (PDMS) was used to develop 

separation and electrospray devices. Dynamic coating of PDMS devices was explored 

using ionic and non-ionic surfactants. Separation of APTS (8-Aminopyerene-1,3,6-

Trisulfonic Acid) labeled glycans were achieved in PDMS devices dynamically coated 

with cetyltrimethylammonium bromide (CTAB) and dodecyl maltoside (DDM) at 400 

v/cm to 520 v/cm. However, when the glycan samples were electrosprayed into a mass 

spectrometer, the glycan signal was suppressed because of the presence of surfactants. 

Therefore, alternative material, glass, was explored. Glass devices were fabricated using 

wet etching and separation and electrospray capabilities were explored. The fabrication of 

glass devices is relatively time-consuming and difficult as compared with PDMS devices. 

However, the surface property of glass is much more controllable compared to PDMS.  

This work encompasses the study of apoptosis in ischemia/reperfusion injury and 

cancer. Our aim is to provide a better understanding of cell death in heart disease and 

cancer so that, in future therapies can be developed to block apoptosis in heart disease 

and to induce apoptosis in cancer. 
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Chapter 1: Background and Perspective 

1.1  Microfluidics and Micro Total Analysis Systems (µTAS) 

1.1.1  Background  

Micro total analysis systems, also called “lab on a chip” were first introduced by 

Manz et al. in 1990 (1).  Even though the first analytical miniaturized device fabricated 

on silicon was presented in 1970s (2), it was not until 1990 that Manz and coworkers 

demonstrated the concept of µTAS by presenting a work based on miniaturized open-

tubular liquid chromatograph on a silicon wafer (1). Since then there has been a steady 

expansion in the area of microfluidics and its applications. In general, lab on a chip 

devices feature fluidic control of chemical and biological components on a single 

microchip-type device. There are several advantages of miniaturization, including 

reduced reagent consumption, decreased cost, and smaller sample volumes.  The latter is 

especially advantageous when analyzing precious or particularly hazardous samples. 

Moreover, a lower surface to volume ratio enables faster transfer of heat, offering precise 

temperature control. In applications involving exothermic reactions, this feature helps in 

removal of heat buildup (3). In microfluidic electrophoresis systems, effective dissipation 

of Joule heating leads to minimization of band broadening (4,5). The large surface to 

volume ratio is also useful in applications where catalysts or enzymes are used (6). The 

smaller volume manipulation in microfluidic device leads to faster mixing, increasing the 

speed of analysis. Fluidic control features such as pumps and valves can be integrated in 

the same device and can increase the throughput of analysis (7,8). While the earliest work 

in microfluidics focused on chemical separations, there has been an increase in the 
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number of biological assays conducted on chips. In particular, cell-based assays are 

amenable to microfluidic formats.  As such, applications in biology and bioanalytical 

chemistry have grown exponentially in the last decade. 

 

1.1.2  Device Fabrication  

A variety of materials have been used in fabrication of microfluidic devices such 

as silicon, glass, metals, ceramics, hard plastics, and elastomeric polymers (elastomers) 

(9-11). Over the past decade there has been a rapid expansion of new type of materials 

for microfluidic devices, especially polymers. In contrast to silicon and glass, polymers 

are inexpensive. Moreover, channels in polymer devices can be embossed or molded 

without the need of etching. Also, the polymer devices can be bonded thermally or by 

oxygen plasma, thus reducing the time, complexity and the cost of manufacturing. While 

in its early stages of development, the possibility of injection molding microfluidic chips 

makes manufacturing scale up possible. But one of the disadvantages of using polymer as 

a material is that the surface chemistry of the device is difficult to control, making it 

incompatible to many organic solvents (12).  

Polydimethylsiloxane (PDMS) is one of the most commonly used materials in the 

fabrication of microfluidic devices. PDMS has been used extensively in bioanalytical 

research (13-16), in part because of the relative ease of fabrication and the ability to 

include mechanical systems (valves, pumps) into the chip. The biocompatibility and gas 

permeability of PDMS makes it an excellent choice in cell-based assays. Moreover, 

devices fabricated in PDMS can be used in several optical techniques because of its 
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optical transparency (17,18).  Fabrication of microdevices is achieved using a mold and 

casting approach called soft photolithography (19).  In soft photolithography, a design for 

the chip microchannels is drawn in a high resolution transparency photomask.  Masks can 

be chrome-plated quartz plates for high resolution (<5 m) or film transparencies for low 

resolution (> 5 m). The mold master is generated on a silicon wafer by coating the wafer 

with a photoresist layer and exposing the coating to UV light through the photomask 

(Figure 1).  After developing the photoresist, a mold of the device microchannel remains 

for replica casting. For the generation of PDMS replicas of the master, PDMS pre-

polymer is mixed with a curing agent. After curing, the PDMS solid is removed from the 

master, creating a cast replica that is used to finalize device assembly (Figure 1).  

One of the important steps in the fabrication of microfluidic devices is bonding. 

The sealing process of PDMS is straightforward as it can be sealed to itself or to other 

surfaces reversibly or irreversibly.  Adhesive tapes like cellophanes can seal the PDMS 

channels reversibly (20). But the sealing is temporary and cannot withstand high 

pressure. The uncured PDMS itself can be used to seal the pieces of PDMS. However, to 

form an irreversible sealing, two PDMS surfaces are exposed to oxygen plasma. The 

oxygen plasma treatment generates silanol groups on the surface of the PDMS, which can 

then be sealed to itself or other materials like glass, silicon or other polymeric substrates. 

Multilayer PDMS devices are usually sealed by using a method developed by Quake et 

al. (21). In this method, one of the pieces contains excess pre-polymer and the other 

contains excess curing agent. When these two pieces are brought together and cured by 

baking, the two pieces forms a permanent seal.  
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 The fabrication of glass devices, on the other hand, is not as straightforward as 

PDMS devices. Channels are formed in the glass by coating the chip with protective 

layers of chromium and photoresist, selective removal of the protective layers using 

photomasks, and etching of the exposed glass to form a channel. Chemical etching is 

usually performed (10) using strong etchants like hydrofluoric acid. Once the channels 

are etched into the glass, protective layers are completely removed and the device is 

sealed to another piece of glass to finalize the assembly. Thermal bonding is commonly 

employed for bonding the glass slides together. Once fabricated, both glass devices and 

PDMS devices are re-usable in most cases. 

 

1.1.3  Application of microfluidics in cellular analysis 

Microfluidic techniques for biological assays are increasingly becoming popular 

in cellular research. Microdevices can be used in wide range of biological applications 

such as high-throughput drug screening, cellular analysis, clinical diagnostics etc (22-25). 

Microfluidic devices can provide precise control over the culture microenvironment, 

making them suitable for both single-cell analyses and three-dimensional cell cultures.  

Since microfluidic channels approach the length scale of individual cells or cell clusters, 

control over the local cellular environment is possible. Moreover, the integration of 

valves and sensors into microfluidic devices has increased the throughput of assays and 

enabled in situ chemical analysis (26-29). In recent years, microfluidic devices have been 

identified as an alternative platform for wide range of cellular analysis demonstrating its 

compatibility with traditional cell culture protocols. The large surface-to-volume ratio of 
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microdevices provides more efficient mass exchange facilitating precise exchange of gas 

and nutrients.  

There are two goals in cell culture, one is to mimic the extracellular environment 

of in vivo cellular systems in a microdevice and the other is to be able to analyze or assay 

the cellular system with high accuracy and sensitivity (30). Chao and coworkers 

developed a microfluidic cell culture system for the culture of cells and evaluation of 

pharmacodynamic and pharmacokinetic interactions between cells and molecules (31). 

The device consisted of different compartments which could culture different types of 

cells and simulate interaction between different human organs. Their system was used to 

predict the hepatic clearance of several model compounds and compared with in vivo data 

available from literature.  Li and co-workers developed a microfluidic device for open 

access cell assays (32). Their device consisted of microchannels and large open access 

areas with tiny injection nozzles. They reported that the steady gradient of molecule 

concentration could be adjusted by changing the flow rates in a diffusion dominant 

regime. Lim and coworkers have reported the first on-chip tetraphenylphosphonium ion 

selective electrode to measure membrane potential in isolated mitochondria (33). They 

reported that their on-chip electrode was able to analyze mitochondrial bioenergetics in 

sample concentrations of four orders of magnitude lower and volume two orders of 

magnitude lower than previously published results. In  recent years, single cell analysis 

has gained popularity in biological research (34-36). Klauke et al. developed microfluidic 

device which cultured the arrays of adult ventricular myocytes for chemical stimulation 

(17). They were able to expose separate regions of the cell surface to different test fluids. 
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They showed that hydrostatic pressure used for chemical stimulation was comparable to a 

macroscale micropipette injection system. 

However, microfluidic devices are not limited to 2D cell culture. To mimic in 

vivo microenvironments, 3D cell culture systems have been developed (38-40). Funamoto 

and coworkers designed a microfluidic device capable of 3D cell culture to study the cell 

response under low oxygen conditions (41). A hypoxic environment or an oxygen 

gradient was developed using predefined gas mixtures. They employed this device to 

study the effect of hypoxic conditions on the migration characteristics of human breast 

cancer cells. They reported that there is an enhanced migration of cells in hypoxia as 

compared to the normal oxygen concentration.    

Microfluidic systems have also been developed for cell analysis, similar in 

approach to traditional flow cytometry methods.  A 3D hydrodynamic focusing system 

was developed by Xu and coworkers for the analysis of single cells (42). They produced 

3D hydrodynamic focusing using sheath flow and a lysis buffer, which helped deliver 

cells to the separation channel after rapid chemical lysis. The sampling of cells was 

continuous and did not require the use of pumps. The sample stream was compressed in 

the vertical direction by two sheath flows which was then focused into the sampling 

channel. In another study, Kovarik and coworkers developed a microfluidic system to 

study the heterogeneity of enzyme activity in single cells treated with a chemotherapeutic 

drug (43).  Microfluidic devices have also been used in gradient generation to study the 

role of molecular gradient in biological processes (44,45,46). Somaweera and co-workers 

developed a microfluidic gradient generator capable of generating stable gradient across 
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the arrays of 256 cell culture chambers (47). These kinds of devices are useful in high 

throughput drug analysis, where hundreds of concentration of drugs can be tested at the 

same time. Sun and coworkers generated arrays of moving droplets containing several 

variations of concentrations and used the device to produce dose response curve for an 

enzyme inhibition assay (48).  In another study, Selimovic et al. used microarrays for cell 

culture and analysis and generated nonlinear gradients (49). They used the device to 

study the viability of cells treated with various concentrations of H2O2.   

 

1.2  Oxygen Sensing in Microfluidic Devices 

Oxygen plays an important role in respiration and energy production. The oxygen 

supply and demand is a carefully regulated process in our body. In cell-based 

applications, the oxygen concentration has a significant effect on cellular development 

and function. For example, in heart disease, oxygenation after ischemic period results in 

apoptosis in heart cells, leading to muscle loss (50). However, in cancer low levels of 

oxygen in the tumor core have been related to drug resistance and tumor progression 

(51). Microfluidic devices are capable of exposing regions of cell culture to controlled 

oxygen level (52,53,54). One of the advantages of using PDMS as a substrate for cellular 

analysis is the gas permeability, which allows the oxygen in the local cell environment to 

be altered. (55). There are several ways to measure oxygen concentration in 

microdevices. The two most common types of oxygen sensors are electrochemical 

sensors and optical sensors. 
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1.2.1  Types of Oxygen Sensors 

Clark-type electrode sensors are one of the most common electrochemical oxygen 

sensors used in microfluidic devices. These kinds of sensors detect a current flow caused 

by reduction of oxygen. Several groups have worked in miniaturizing these sensors for 

the integration in cell based assays (56,57,58).  Some of the disadvantages of using these 

sensors are the requirement of microscale electrodes and contamination of the electrodes 

during cell culture. Wu and coworkers used micromachining technique to integrate 

miniature Clark oxygen sensor in a microliter container (56). In another study, Wu et al. 

presented a microfluidic chip integrated with electrochemical detector array to measure 

oxygen consumption of single bovine embryo (59). Rodrigues and coworkers fabricated a 

microchip with an integrated thin-film electrochemical sensor at the inlet and outlet of the 

device to perform toxicological analysis on cells. They reported that the sensor was able 

to detect glucose and oxygen in the cell culture and was compatible with cells (60). 

Optical sensors can be integrated to microfluidic devices in a more 

straightforward manner. Optical sensors are not easily contaminated and do not require 

physical contact between the sensor and the detector. Optical sensors are mostly based on 

the principle of reversible quenching of the fluorescence intensity or excited-state 

lifetime (61,62).  

 

1.2.2  Fluorescence quenching based oxygen sensing 

The decrease in fluorescence intensity or the lifetime in the presence of oxygen is 

caused by collisional quenching and can be described by the Stern-Volmer equation, 
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𝐹𝑜

𝐹
=

Ʈ𝑜

Ʈ
= 1 + 𝑘𝑞Ʈ𝑜  𝑄 =  1 + 𝐾[𝑄] 

Where, Fo (Ʈo) and F (Ʈ) are the intensities (lifetimes) in the absence and the presence of 

the quencher, respectively. K is the Stern-Volmer quenching constant and kq is the 

biomolecular quenching constant. As oxygen quenches both, fluorescence intensity and 

the excited-state lifetime, both methods can be used to measure oxygen concentration 

using fluorescent probes. Intensity based detection is more straightforward than lifetime 

based detection, but is more susceptible to photobleaching during measurement. 

Nevertheless, intensity based techniques are more attractive for microfluidic applications 

because of their simple approach and compatibility with standard microscope 

instruments. Moreover, the problems arising from photobleaching can be minimized by 

using ratiometric techniques (63). Ratiometric techniques utilize two dyes, oxygen-

sensitive dye and an oxygen-insensitive dye. Both dyes are excited at the same time and 

the ratio of their fluorescence is detected.  Oxygen level is then determined by measuring 

the ratio between the intensities of the two dyes. Lifetime measurements on the other 

hand, involve detection of fluorescence lifetime in either time domain or the frequency 

domain. Detection methods based on lifetime measurements provides improved contrast 

and minimized background signal, but the instrumentation is more complex.  

Transition metal complexes are frequently used as oxygen sensing compounds 

(64,65). Due to the long lifetime of the compounds like pyrenes, ruthenium complexes, 

lanthanides, or phosphorescent dyes in the absence of oxygen, higher sensitivity can be 

achieved at low oxygen concentration (66,67). Oxygen sensitive dyes can either be used 
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as a solution within the microfluidic channels (68,69) or they can be incorporated in 

materials like PDMS to cast a thin film (70-73). Many ruthenium-based dyes or metallo-

porphyrin type dyes have been used in various microfluidic devices (68-73). Recently, we 

used ruthenium dye to measure oxygen concentration in the microfluidic device used to 

study ischemia/reperfusion injury (68). On-chip measurement of oxygen enables the 

study of biological processes where oxygen plays a significant role such as cellular 

growth, enzyme expression, stem cell differentiation etc.  

 

1.3  Apoptosis in Heart Disease and Cancer 

1.3.1  Apoptosis 

Apoptosis (also called programmed cell death) is a highly regulated process. It is 

responsible for several biological processes such as tissue homeostasis, immune system 

function, cell turnover rate, and tissue and development (74,75). Malfunctions in this 

highly regulated system can result in the initiation and progression of several diseases. 

Therefore, it is significant to study and elucidate the mechanisms of apoptosis induction 

and inhibition.  In cancer, apoptosis is inhibited, thus researchers have been focusing on 

developing the drugs that can induce apoptosis.  The malfunction of apoptosis induction 

is mostly attributed to mutations in the p53 protein which causes many anticancer drug to 

be ineffective (76)  Other inhibitors of apoptosis proteins (IAPs) are upregulated in 

cancer cells, and studies have been conducted to block these IAPs in order to make 

chemotherapy drugs more effective (77).   Inhibitors are also being developed that are 

based on the cells natural inhibitors such as Smac/DIABLO (78). 
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 1.3.2.  Mechanism and Pathways of Apoptosis  

 Apoptosis is a genetically regulated, energy-driven process that results in cell and 

nuclear shrinkage and fragmentation. Apoptosis occurs following the activation of two 

general pathways: the extrinsic pathway and intrinsic pathway. The extrinsic pathway 

utilizes cell surface receptors and the intrinsic pathway involves mitochondria. Both 

pathways lead to activation of caspase enzymes. The caspases are cytosolic aspartate 

residue-specific cysteine proteases. The extrinsic pathway is initiated by binding of death 

ligands (FasL) to a death receptor like the Fas/TNF receptor. This binding triggers the 

activation of caspase-8 and then subsequent activation of the so-called executioner 

caspases (caspase-3, -6, and -7). In the intrinsic pathway, various stimuli result in the 

opening of mitochondrial transition pores releasing cytochrome c into the cytosol.  

Cytochrome c binds with the apaf-1 protein, forming a supermolecular complex known 

as the apoptosome, which leads to the activation of caspase-9. Caspase-9 then activates 

caspases -3, -6, and-7, and apoptosis ensues.  It is worth noting that in some cases the 

intrinsic apoptosis mechanism can be triggered by the extrinsic method.  

 

1.3.3  Ischemia/Reperfusion Induced Cardiac Damage 

Cardiovascular diseases continue to be an important health problem, being the 

most common cause of death in the developed world. Myocardial infarction, heart failure 

and stroke are the primary causes of mortality in the United States
 
(79). In recent years, 

loss of cardiomyocytes has been identified as one of the major contributory factors for the 

initiation and progression of heart disease
 
(80,81). Adult cardiomyocytes are terminally 
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differentiated cells, which are rarely replaced. Thus, cardiomyocyte loss can lead to the 

functional decline of the myocardium and eventually to the occurrence of heart disease. 

In recent studies, an increasing number of evidence suggests that apoptosis plays a 

significant role in the development of heart disease, primarily through the loss of 

cardiomyocytes
 
(82).  

Occlusion in the heart causes myocardial ischemia, which is the decrease or 

absence of blood flow to the myocardium. Ischemia results in the deprivation of oxygen 

and nutrients and also leads to accumulation of waste products in the cell. In clinical 

resuscitation, ischemia is followed by reperfusion, which is the return of blood flow in 

the heart and thus the supply of oxygen and nutrients to the ischemic cells. 

Ischemia/reperfusion injury has been identified as a major contributor of complications 

from heart disease
 
(79). Ischemia can be an acute event that evolves over hours to few 

days as in the case of myocardial infarction or it can be a chronic condition which 

develops over months to years.  

 

1.3.4  The Role of Apoptosis in Ischemia/Reperfusion Injury 

Apoptosis has been recognized to play a significant role in cardiovascular 

disorders and is a major cause of tissue damage in ischemia/reperfusion injury. Ischemia 

causes oxygen and nutrient deficiency, and reperfusion results in sudden production of 

oxidative stress and the formation of reactive oxygen species. These events induce 

apoptosis in cardiomyocytes.  Cardiomyocyte apoptosis has been documented during 

human myocardial infarction
 
(83) as well as rodent models

 
(84). Cardiomyocyte 
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apoptosis during myocardial infarction is high-level and acute, and is localized primarily 

to the infarct area. Whereas, in the case of heart failure, apoptotic death is a low-level and 

ongoing process. The loss of cardiomyocytes from long-term, low grade hypoxia, glucose 

deficiency, and oxidative stress play a role in ventricular hypertrophy
 
(85) which is a sign 

of heart failure. However, whether apoptosis is triggered by ischemia or reperfusion or 

both is still controversial. Gottlieb et al.(86) showed that apoptosis is detected in 

ischemic myocardium after 30 minutes of ischemia and 4 hours of reperfusion but not in 

ischemic-only rabbit myocardium. They suggested that it is reperfusion after ischemia 

that triggers the apoptosis. In contrast, studies performed in rat myocardium
 
(87) showed 

that apoptosis could be detected after 2 hours of coronary occlusion and the apoptotic 

process was accelerated after 45 minutes of ischemia followed by 1 hour of reperfusion. 

These studies suggested that apoptosis is triggered by ischemia alone or by reperfusion 

followed by ischemia. It has also been shown that long term ischemia results in cell death 

via necrosis and it is reperfusion that causes the apoptosis
 
(82,88). Since ATP is required 

for the completion of apoptosis, reoxygenation and restoration of glucose supply would 

be required for the cell death to proceed
 
(80). These studies that have been performed 

over the years strongly suggest the presence of apoptotic death in cardiomyocytes and its 

role in cardiomyocyte loss. 
 

Potential apoptotic stimuli in heart tissue include hypoxia and nutrient depletion 

(during ischemia) as well as oxidative stress and calcium overload (during reperfusion). 

In studies performed on cultured cardiomyocytes, hypoxia has been shown to induce 

apoptosis (89). Loss of nutrients and metabolic stress can also induce apoptosis. Glucose 
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deprivation combined with serum depletion or omission has been shown to induce 

apoptosis in cells (90,91). Similarly, oxidative stress is an important apoptotic stimulus 

during reperfusion. Molecular oxygen, when reintroduced into a previously ischemic 

myocardium undergoes a sequential reduction and forms oxygen free radicals. These 

radicals play a role in reperfusion injury (92). In a study performed on rat ventricular 

cardiomyocyte culture, Kang et al. (82) demonstrated that different types of oxidative 

stress are associated with distinct modes of cell death. In the same study, they 

demonstrated that glucose deprivation in neonatal cardiomyocytes lead to the activation 

of the mitochondrial pathway. The mitochondrial pathway of apoptosis is susceptible to 

both hypoxia caused by ischemia and oxidative stress caused by reperfusion, making it a 

target for analysis of ischemia/reperfusion injury. There is a need to study the mechanism 

of apoptosis in ischemia/reperfusion injury and the role of oxygen restoration so that in 

future, therapies are developed which can block the apoptosis and prevent myocardium 

loss in cardiovascular diseases. Study of apoptosis involves measurement of biological 

and morphological hallmarks that occur at various stages. Studying the temporal 

dynamics of apoptosis will help to develop therapies which can be targeted at the 

different stages of apoptosis. 

 

1.3.5  Hypoxic microenvironment in cancer and chemotherapeutic resistance 

Unlike normal, somatic tissue, solid tumors feature poor mass transport and 

vascularization. Heterogeneities in tumor microenvironments influence the behavior and 

prognosis of malignant tumors (93). Tumor hypoxia can be acute or chronic depending 
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upon length of hypoxic periods (94,95). Acute hypoxia is caused by fluctuations in the 

oxygen concentration and is more transient in nature. However, in chronic hypoxia the 

distance of the blood vessel from the tumor is large, resulting in low oxygen 

concentration within the tumor mass lasting several days. Movsas and coworkers have 

used oxygen microelectrodes during surgery to detect the presence of hypoxic regions in 

prostate cancer (96). Tumor hypoxia is important in cancer research, as resistance to 

chemotherapy has been identified as a significant problem in the treatment of cancer (97). 

Reports on tumor hypoxia suggest that hypoxic adaptation should be considered in 

management of solid tumors (98,99). Resistance to therapy may develop because of 

several factors, such as a direct lack of oxygen, altered cellular metabolism of drugs 

under hypoxic conditions, hypoxia-induced changes in cell cycle, or via genetic 

instability (100,101).  

The genetic characteristics of hypoxic tumor enable survival under low oxygen 

conditions, resulting in more aggressive tumor (102). Hypoxia is regulated by the 

transcription factor hypoxia-inducible factor (HIF-1) (103). HIF-1 is a heterodimer which 

consists of HIF-1α and HIF-1β subunits. Under normoxic condition, HIF-1α is not 

detectable due to its rapid degradation and it is stabilized during hypoxia. Cells that are 

deficient in HIF-1 are not capable of forming tumors because HIF-1 deficiency hinders 

solid tumor growth and vascularity (104,105). Expression of HIF may result in the 

growth of populations of cells that have altered biochemical pathways that may have a 

drug-resistant phenotype. During cellular stress, apoptosis is regulated by p53 to bring 

homeostasis. However, mutations in gene encoding p53 (106) can lead to tumor growth, 
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particularly in hypoxic cells. Thus hypoxia plays a major role in tumor cell survival by 

escaping the apoptotic pathway. 

Studies performed on the efficacy of cancer drugs are usually carried out at a 

normal oxygen concentration, which might not be a true indicator of drug potency. 

Therefore, while testing cancer drugs, it is important to test on hypoxic cells. Gray and 

coworkers showed the resistance of cancer cells towards radiation therapy (107). 

Chemotherapeutic agents mostly depend on cellular oxygenation for maximum efficacy. 

Many anticancer drugs generate free radicals in the presence of oxygen. Doxorubicin 

undergoes chemical reduction and in turn reduces oxygen to produce superoxide that 

damages DNA (108). Therefore, at low oxygen concentrations, the drug cytotoxicity 

decreases. Teicher and coworkers reported that normoxic tumor cells were more 

responsive to melphalan than the hypoxic cells (109). They suggest that alkylating agents 

may have lower efficacy due to production of substances that competes with target DNA. 

Other chemotherapeutic agents like etoposides lose efficacy due to free radical 

scavengers. Hypoxia also causes cells to delay the cell cycle (110). Most anticancer 

agents arrest cell cycle; therefore delayed cell cycle can cause loss of efficacy of cancer 

drugs. Hypoxia also increases production of proteins that are responsible for drug 

resistance. The distance from blood vessel also plays a significant role in tumor 

progression. Chemotherapeutic agents cannot reach deep into the tumor core because of 

defective and inadequate vasculature. The cells on the outer core respond to the drugs and 

the cells in the inner core remain unaffected. 
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1.4  Safety Considerations 

Experiments were performed in the Pappas laboratories in the Department of 

Chemistry and Biochemistry at Texas Tech University. Personnel Protective Equipment 

such has lab coats, goggles and gloves were used all the time inside the laboratories. 

While working with biohazard materials, special precautions were practiced including the 

use of Class II biosafety cabinets. Syringe-resistant gloves were used while using needles. 

Appropriate protective goggles were used while using lasers and UV lamps.  

 

1.5  Scope of the work 

The scope of this work is the investigation of cell environments in heart disease and 

cancer.  This work encompasses microfluidic device design and characterization, as well 

as the application of those methods to medical problems. Microfluidic culture system has 

been used to study cell-death during ischemia/reperfusion injury and in cancer.  This 

works describes the fabrication procedure of microfluidic devices comprising an oxygen 

sensing capability. Loss of heart cells during ischemia/reperfusion injury via apoptosis 

has been explored. Drug-resistance of cancer cells under hypoxic condition is also 

described in this work.  This work also includes fabrication of microfluidic 

electrophoresis devices using polydimethylsiloxane and glass. 
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Figure 1: Photolithographic method for PDMS device fabrication.  a) a mask is used 

to selectively irradiate photoresist spin-coated on a substrate. b) The layer of PDMS is 

poured over the mold, and baked in the oven. c) After cooling, the PDMS is then 

sealed against a substrate forming the device.  
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Chapter 2: Ischemia/Reperfusion Injury of Primary Porcine Cardiomyocytes in a 

Low-Shear Microfluidic Culture and Analysis Device 

(Published: Analyst, 2011, 136, 3519-3526) 

 

Abstract 

 Ischemia/reperfusion (I/R) injury was induced in primary porcine cardiomyocytes 

in a low-shear microfluidic culture chip.  The chip was capable of sustaining 

cardiomyocyte culture and inducing I/R injury by subjecting the cells to periods of 

hypoxia lasting 3-4 hours followed by normoxia.  Mitochondrial membrane potential was 

assayed using MitoTracker Red to follow mitochondrial depolarization, the earliest stage 

of apoptosis.  Cell adhesion and morphology were also determined simultaneously with 

fluorescence measurements.  Changes in membrane potential were observed earlier than 

previously reported, with mitochondria becoming depolarized as early as 2 hours into the 

ischemia period. The cells with depolarized mitochondria were deemed apoptotic. Out of 

38-61 cells per time frame, the fraction of apoptotic cells was found to be similar to 

control samples (3%) at two hours of ischemia, which increased up to 22% at the end of 

ischemia period as compared to 0% in the control samples. Morphological analysis of 

cells showed that 4 hours of ischemia followed by reperfusion produced blebbing cells 

within 2 hours of restoring oxygen to the chip.  This approach is a versatile method for 

cardiomyocyte stress, and in future work additional analytical probes can be incorporated 

for a multi-analyte assays of cardiomyocyte apoptosis. 
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2.1 Introduction 

 Heart disease is the most common cause of mortality in the United States.  Ischemia 

and reperfusion (I/R) injury has been recognized for years as a major contributor to 

complications from heart disease.  Ischemia lasts from the seconds to hours timescale in 

cases such as angina and surgery.  In the case of long term ischemia, the condition can 

persist for years.  Ischemia and reperfusion injury results in widespread apoptosis in 

cardiomyocytes, resulting in damage to the heart and contributing to heart disease (1).  

Loss of cardiomyocytes from long-term, low-grade hypoxia, glucose deficiency, and 

oxidative stress play a role in ventricular hypertrophy (2), a sign of heart failure.  While 

long-term ischemia leads to necrosis in the myocardium, it is reperfusion that results in 

apoptotic cell loss (3). 

 Long-term apoptotic loss of myocytes in the ventricles of the heart is a key 

indicator of heart disease (4-6).  It has been shown that arresting apoptosis improves the 

prognosis of heart attack patients (7).  However, treating long-term cardiac muscle loss 

due to cardiomyocytes apoptosis may be more effective in preventing heart disease.  

While apoptosis is prevalent in many aspects of heart disease, injury due to ischemia 

(hypoxia) and subsequent reperfusion (reoxygenation) is known to induce apoptosis on a 

large scale in cardiomyocytes.  Apoptotic cardiomyocytes are typically found at higher 

levels in reperfused rather than ischemic tissue, and the mechanism for this difference is 

not well understood (8).  Blocking apoptosis after reperfusion has been shown to improve 

cardiac function (9-10).  However, oxidative stress and the restoration of ATP-dependent 

apoptosis (11) have both been attributed to reperfusion.  The mitochondrial apoptotic 
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pathway is the primary mechanism of cell loss in ischemia/reperfusion injury.  This 

pathway is susceptible to both hypoxia caused by ischemia and oxidative stress caused by 

reperfusion.  There is, therefore, a need to understand the mechanism of apoptosis in 

ischemia/reperfusion injury, particularly the role of oxygen restoration.  In addition to 

controlling the rate of reperfusion, steps must also be taken to reduce the buildup of free 

cytochrome c in the cytosol in order to effectively treat ischemia/reperfusion injury.  Our 

group has developed several analytical tools (12-15) to study apoptosis in the cellular 

microenvironment, integrating both microfluidic and spectroscopic techniques. 

 In recent years, there has been a remarkable advance in the field of microfluidic 

devices.  Microfluidic devices have the potential for cellular analysis as they provide an 

automated and controlled platform for cell culture and analysis within a single device. 

Microfluidic devices have been used for investigation of in vivo processes under 

haemodynamic conditions (16). They have been used to mimic in vivo processes like 

communication between different cell types by mimicking the blood brain barrier (17), or 

to study the response of cardiac cells to mechanical stress by mimicking the native heart 

(18).  

 Many studies of myocardial apoptosis have been performed using animal models of 

ischemia (19).  However, increasing numbers of researchers have used cultured 

cardiomyocytes as models for heart disease.  In addition, microfluidic cell systems have 

been viewed with increasing interest, as cell culture can be integrated with chemical 

analysis (20).  To date, most microfluidic devices for apoptosis have either demonstrated 

on-chip flow cytometry (21), the detection of caspase activity outside of cells (22), or 
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electrophoretic separation of apoptotic cell organelles or analytes (23-24).  In other 

devices where cells were used, traps of various geometries have been employed to 

monitor apoptosis induction by fluorescence imaging (25-27).  These approaches either 

analyze cell components or culture cells with a single analytical measurement performed 

on-chip.  Microfluidic systems have also been used with cardiomyocytes (28-30) for 

localized sampling and electroporation, and also for physical stimulation of contractile 

movement (31) and the culture of cardiac tissue.   

 Ischemia/reperfusion injury has been produced in vivo (19) as well as in air-tight 

chambers for cultured primary cells (32).  Cell culture devices with an integrated system 

of oxygen sensing have also been developed [33-34].  These devices utilize oxygen 

sensitive dyes to provide spatial and temporal control over oxygen concentration.  We 

now report on a low-shear microfluidic system, with integrated oxygen sensing system 

based on fluorescence quenching of ruthenium-based dye, to induce I/R injury in primary 

cardiomyocytes and monitor the cell sample for apoptosis.  Cells were subjected to 

ischemia conditions, followed by reperfusion to normal oxygen levels.  Apoptosis was 

followed by monitoring mitochondrial membrane potential with a fluorescent probe and 

fluorescence microscopy.  These findings show that primary porcine cardiomyocytes are 

susceptible to apoptosis after only short periods of ischemia followed by sudden 

reperfusion.  In addition, mitochondrial membrane potential is lost early in ischemia 

conditions, supporting the hypothesis that while reactive oxygen species play a role in 

apoptosis, key elements in the apoptotic process are already set in motion during 

ischemia. 
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2.2 Materials and Methods 

Cardiomyocyte Isolation and Culture   

 Animals harvested for commercial use were handled at the Texas Tech Animal and 

Food Sciences Meat Laboratory, as per standard USDA guidelines.  Hearts from the 

harvested pigs were removed and placed in a beaker containing 500 mL PBS and 

antibiotics.  Digestion media was prepared previously by mixing 40 mL Earle's Balanced 

Salt Solution (EBSS), 0.06 g Collagenase Type II, 0.4 g Bovine Serum Albumin (BSA) 

and 1 dose of antibiotics. The prepared digestion media was placed in the water bath for 

10 minutes and filtered through 0.2 m filter into a flask. The hearts from the pigs were 

then excised using 4.5 inch mincing scissors (average down-time of the hearts was 25 

minutes).  The excised muscle tissue was placed in a Petri dish containing 10 mL of 

digestion media from the flask. The tissue was minced to a very fine consistency with the 

help of the scissors and placed back in the flask. The weight of the flask plus digestion 

medium was obtained before and after adding heart tissue in order to obtain the tissue 

weight. Collagenase digestion was then performed by placing the flask in a shaking water 

bath for 40 minutes at 20 rpm. The contents of the flask were then filtered into a sterile 

50 mL centrifuge tube through a 200 m nylon membrane-covered funnel. The tube was 

then centrifuged at 1000 rpm for 5 minutes. The tissue pellet was then resuspended in 20 

mL of digestion media. Centrifugation was repeated again at 1000 rpm for 5 minutes and 

this time the pellet was resuspended in the culture medium (DMEM + 10% Fetal Bovine 

Serum (FBS) and antibiotics). The cell suspension was then placed into several matrigel 

coated 225 cm
2
 tissue culture flasks. The flasks were then placed in the incubator at 37 

o
C 
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and 5% CO2.   The remaining cell suspension was placed in 4 mL of freezing medium 

and transferred to 4 cryovials. The cryovials were placed in an -80 
o
C freezer overnight 

and transferred to a liquid nitrogen tank for future use. 

  

Low-Shear Culture Chip Fabrication   

 Fabrication of the microfluidic device was performed by modifying the technique 

described by Liu et al. (12). Briefly, uncured polydimethylsiloxane (PDMS, Dow Sylgard 

184) was prepared by mixing the pre-polymer and the cross-linking agent in a 10:1 ratio.  

The mixture was stirred and then degassed under vacuum for 30 minutes.  Then the 

mixture was poured into a machined mold  that was modified to include an injection 

port/loading channel that helped to inject the cells directly into the wells (Figure 1). The 

mold was then placed in an oven at 75 
o
C for 20 minutes.  The cured PDMS was then cut 

into pieces such that each piece consisted of a flow channel and a well.  The pieces were 

then bonded with the glass slide by using an oxygen plasma system.  After bonding the 

pieces together, tubing was connected to the chip on the outlet, inlet, and the injection 

port.  For ischemia studies, two PDMS channels, each containing a low-shear channel, 

were bonded on the same glass slide so that the two pieces faced in opposite direction 

(Figure 1).  This design helped to place the tubing for two separate pieces independently.  

One channel served as the culture well, while the second channel contained the oxygen-

sensitive dye.  
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Cell Loading and On-Chip Culture 

 The primary cardiomyocytes, previously harvested from the animal, were 

maintained in matrigel coated flasks in an incubator at 37 
o
C and 5% CO2.   On the day of 

experiment, previously fabricated chips were coated with matrigel for an hour at room 

temperature. In some cases, the coated chips were placed inside the incubator overnight 

prior to use.  Cells were then removed from the flask by trypsinization and stained with 

MitoTracker Red solution (1 µM in PBS) for 30 minutes at room temperature.  After 

washing once with PBS, the cells were resuspended in culture medium (DMEM + 10% 

FBS) and kept in the incubator until the device was ready for injection.  The coated chips 

were connected to a syringe pump and the medium was flowed at the rate of 1mL/hr.  

Then, the cells were injected into the culture well via the cell loading channel, which was 

subsequently sealed off to ensure low-shear culture operation.  The chip was placed 

inside the incubator to let the cells attach on the coated surface.  For ischemia/reperfusion 

studies, cells were loaded and the ischemia process started after 1.5-2 hours. 

 

Ischemia/Reperfusion Studies   

 For chips where ischemia/reperfusion injury was induced, the chip was placed 

inside a small polycarbonate box on the microscope stage.  The bottom part of the box 

consisted of a rectangular opening through which the cells on the chip were imaged. The 

top part consisted of an inlet and outlet for nitrogen flow to displace oxygen and induce 

ischemia.  This setup allowed for rapid and precise control of the oxygen content on the 

chip.  Tris (4,7-diphenyl-1,10-phenanthroline) ruthenium(II) dichloride was used to 
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monitor oxygen content in the chip.  The ruthenium complex (250 µM in PBS) was 

injected into the upper layer of the chip (Figure 1) and fluorescence images of the well 

containing the dye were taken during the experiment to determine oxygen concentration 

(35).  Oxygen measurements were calibrated using N2, Air, and O2 gases.  For the control 

experiments, the chip was placed inside the incubator and imaged on certain time 

intervals. 

 

Fluorescence Microscopy and Membrane Potential Measurements 

   MitoTracker Red (Invitrogen) was used to image membrane potential in 

cardiomyocytes.  The loss of  membrane potential as mitochondria depolarized resulted 

in release of MitoTracker Red (MTR) from the mitochondria and a subsequent decrease 

in fluorescence.  Nuclei were stained with Hoechst 33342 (0.5 µg/mL)  Cells were 

imaged on an inverted microscope (IX71, Olympus) with a 20X, 0.25 NA objective  for 

white light and fluorescence images.  A 100W Hg lamp (Olympus) and filters appropriate 

for MitoTracker Red were used for fluorescence excitation and collection.  Images were 

acquired with a 16-bit CCD camera (Orca, Hamamatsu) and processed in NIH ImageJ 

software (National Institutes of Health).  All final images are comprised of 5 averaged 

images.  The exposure time was 3 ms and 75 ms for Hoechst and MitoTracker Red, 

respectively.  The intensities of cells as a function of time were calculated.  Cell 

intensities were measured for 30-70 cells per time frame.  Mean intensity values are 

reported with +/- 1 standard deviation.  Images are depicted in this paper without any 

enhancement. 
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2.3 Results and Discussion 

Chip Operation 

 The culture chip was based on our previous low-shear designs for long-term culture 

(12).  The chip (Figure 1) was able to culture cardiomyocytes for the experiment duration 

(8 hours maximum).  Ischemia can be acute or long-term, in I/R studies, thus, the period 

of ischemia and reperfusion varies from several hours (36) to several days (37). In the 

current study, the ischemia and reperfusion lasted for few hours representing the acute 

ischemia that can occur during cardiac arrest or excessive oxygen demand.  The 

morphology of cells cultured in control chips (under normoxia conditions) was similar to 

cells grown in flasks (Figure 1).  Cardiomyocytes isolated from heart tissue of animals 

have been recognized as models for myocardium for years (38). While rat hearts are 

commonly used (39-40), porcine cardiomyocytes are closer in size to human 

cardiomyocytes.  In addition, a single animal can provide multiple experiments worth of 

cardiomyocytes. Single cardiomyocytes have been used for some time as models for in 

vivo studies (41). In the low-shear chip, the entire experiment typically lasts less than 8 

hours, and cardiomyocytes did not undergo apoptosis under normoxia conditions.  The 

degree of cell adhesion on the matrigel surface does not affect cell function and viability, 

as cells attach fully after several hours of on-chip culture. 

 

On-Chip Oxygen Measurements 

  Ischemia was induced by hypoxia conditions in the chip.  Reperfusion injury was 

induced by rapidly restoring oxygen concentration.  The second channel containing the 



Texas Tech University, Grishma Khanal, May 2014 

36 
 

oxygen sensing dye was used to monitor oxygen concentration during 

ischemia/reperfusion studies.  This approach allowed for measurements of oxygen 

concentration without physical access required for electrodes.  The oxygen permeability 

of PDMS is such that the difference between channels would be negligible for the 

duration of hypoxia (3-4 hours) in this study.  The ratio of initial fluorescence (I0) to the 

fluorescence at any time point (I) was used to determine oxygen concentrations (Figure 

8C). The oxygen concentration rapidly decreased to less than 1% (within 30 minutes) 

demonstrated by the increase in intensity of the oxygen sensing dye (Figure 8). Thus, the 

induction of ischemia and subsequent reperfusion was rapid given the timescales and 

duration of ischemia/reperfusion injury. 

 

Membrane Potential Measurements 

  Control cells cultured on the chip, under normoxia conditions for the entire 

experiment, are shown in Figure 2.2.  Cells were stained with 1 µM MitoTracker Red and 

Hoechst 33342 dyes.  The Hoechst dye did not show significant photobleaching.  The 

MitoTracker Red fluorescence was observed to decrease slightly but was still bright in 

control cells for the duration of all experiments.  In cells cultured under hypoxia to induce 

ischemia, MitoTracker Red fluorescence decreased at a greater rate, significantly 

decreasing after two hours of hypoxia (Figure 2.3).  MitoTracker Red fluorescence 

continued to decrease at three hours of hypoxia, and decreased further upon restoration of 

oxygen to the cells.  Histograms of fluorescence intensity (Figure 4A-B) were used to 

determine cell fluorescence at each time point (three images total, 38-61 cells per time 
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period, except for the 1 hour normoxia time point, in which only 9 cells were imaged).  

Cells falling below 200 intensity counts (for 1 µm MTR) were determined to be 

depolarized and therefore apoptotic by MTR fluorescence.  This value was determined as 

a threshold based on control cell fluorescence measurements.  Control cells in a chip 

incubated at 37 
o
C and room temperature both showed similar fluorescence intensities for 

the experiment duration.  For cells undergoing ischemia, 3% of cells were apoptotic at 

two hours compared to 0% in the control chips, which was not statistically different from 

the control.  The number of apoptotic cells in the ischemia chip increased to 22% at three 

hours.  An hour after normoxia was restored to simulate reperfusion, the apoptotic cell 

fraction was 11%.  The fraction of apoptotic cells after ischemia and reperfusion were 

statistically different from each other and the control samples at the 95% confidence 

level.  The reason for the decrease in cells with depolarized membranes after normoxia is 

not clear, but the small number of collected cells may impart a systematic error to this 

last time point.  In addition, during later stage reperfusion some cells are too 

morphologically altered to obtain an accurate MTR intensity.  These cells were omitted 

from the analysis.  In the experiment in which hypoxia was induced for 5 hours, the 

fraction of apoptotic cells increased steadily until 5 hours and doubled after 1 hour of 

restoration of oxygen.  These observations demonstrate that apoptosis is initiated in 

ischemia as well as reperfusion, but that reperfusion results in a larger apoptotic fraction, 

even with longer periods of ischemia preceding it. 

 The restoration of oxygen after ischemia creates a shift in pH and produces reactive 

oxygen species, both of which contribute to a loss of membrane potential.  Since 
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apoptosis is an ATP-dependent process, the lack of oxygen during ischemia has often 

been cited as a reason for lower rates of apoptosis in ischemia than in reperfusion.  

However, membrane potential measurements, such as those performed in this work, 

demonstrate that apoptosis initiates during ischemia as well as during reperfusion.  It is 

possible that, while pH shifts and reactive oxygen species trigger mitochondria-driven 

apoptosis, hypoxia also plays a significant role in pre-apoptotic factors such as 

cytochrome c release.  In future work, we will couple these measurements with 

fluorogenic caspase detection (13,15) to determine if caspase activation is also prevalent 

during cardiomyocyte ischemia. 

 

Morphological Aspects of Ischemia 

 Cardiomyocytes suffering from ischemia were also observed to change their 

adhesion properties to the matrigel-coated chip (Figure 5).  At the start of the experiment, 

after a 1.5-2 hour attachment period, all cells in the chip are adhered to the matrigel 

surface, with some cells fully spread out onto the chip.  After 1 hour of ischemia, nearly 

all of the cells have retracted into a spheroid shape, while remaining attached to the chip 

surface.  Rounding up of cardiomyocytes has been observed by others during ischemia 

(6), and serves as a marker of cell stress.  This morphological condition continues 

through the ischemia process (4 hours).  After reperfusion and restoration of normoxia, 

the cardiomyocytes remain in a spheroid shape, although some of the cells had begun to 

spread out on the matrigel again (Figure 5D).  These cells that attempt to retain a spread-

out morphology after reperfusion also have high MTR fluorescence, indicating that they 
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have survived the I/R injury process.  Toward the end of ischemia, some cells were also 

observed to be in later stages of apoptosis, as measured morphologically (Figure 6).  In 

Figure 6A, an attached, spheroid cardiomyocyte retains MTR and exhibits bright 

fluorescence after 4 hours of hypoxia.  A blebbing cell (identified by smaller spheroid 

apoptotic bodies rather than an intact cell (42)) 2 hours after reperfusion exhibited lower 

MTR fluorescence.  Six cells were determined to be apoptotic by morphology after 

reperfusion, out of a sample of 144 cells.  Since MTR fluorescence assays the earliest 

stages of apoptosis, the small number of late stage apoptotic cells measured by 

morphology is valid.  In future work, we will extend these studies to longer culture times 

in order to determine the total effects of apoptosis during I/R injury. 

 

Temporal Dynamics of Cardiomyocyte Apoptosis 

 As discussed earlier, loss of membrane potential and release of cytochrome c are 

some of the earliest steps in apoptosis (43) when triggered via the mitochondrial pathway.  

However, release of cytochrome c does not guarantee the formation of the apoptosome 

with apaf-1 and subsequent activation of caspase 9.  Bcl-2, a regulator of apoptosis, 

provides some degree of cardioprotection during ischemia and reperfusion injury (10).  

Over-expression of Bcl-2 mitigates apoptosis.  Indeed, blocking apoptosis has been 

identified as a therapeutic target to increase the survival rate in heart disease.  French and 

co-workers (4) used multiple apoptosis markers (morphology, TUNEL assay, caspase 3 

activation) to determine that the number of apoptotic cells is small during ischemia, while 

Kang and co-workers (6) showed that reoxygenation produces elevated rates of apoptosis.  



Texas Tech University, Grishma Khanal, May 2014 

40 
 

Our findings show that conditions for apoptosis are indeed set in motion during ischemia.  

Future work will determine if cardiomyocytes undergoing I/R injury in our chips also 

possess other pre-apoptotic and apoptotic markers. 

 

2.4 Conclusion 

 Ischemia/Reperfusion injury continues to be a major source of cardiomyocyte loss 

in heart disease.  Apoptosis has been identified as a contributor to muscle loss, one that 

can potentially be blocked during treatment.  Our microfluidic system offers an 

alternative to whole-animal studies, one that can be used to enable multi-analyte 

measurements.  While membrane potential was studied in this work, it is possible to add 

other markers of apoptosis and cardiomyocytes stress.  In future work, we will 

incorporate other methods such as on-chip electrophoresis to assay additional apoptosis 

parameters. 

 The microfluidic device described in this work builds upon our previous work in 

low-shear cell culture, with additional functionality for gas control and oxygen 

monitoring.  In addition, cells can be assayed for membrane potential changes, the 

earliest changes of apoptosis.  It is important to stress, however, that membrane potential 

loss, and the release of cytochrome c, does not guarantee that apoptosis will ensue.  

However, morphological examination of cells imaged on the chip indicates that apoptosis 

does begin to occur after reperfusion.  Experiments performed on chips such as these can 

use a single animal for repeat experiments, with control experiments coming from the 

same tissue rather than a different animal.  This chip and related approaches has proven 
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to be a facile method for inducing ischemia/reperfusion injury in primary 

cardiomyocytes, and can be used with other analytical methods (35) to determine the 

kinetics of apoptosis in cardiomyocyte loss.  
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            A 

 

 
 

          B 

 

Figure 1.  Schematic of the Cardiomyocyte Ischemia/Reperfusion Chip (A).  The lower 

PDMS fluidic layer housed a culture chamber connected in a low-shear mass transport 

arrangement.  Cells were loaded from a filling channel located at the distal end of the 

culture chamber.  Medium flow in the main channel produced low-shear mass transport 

to the culture chamber.  An identical upper PDMS layer was filled with O2-sensitive dye  

to monitor oxygen concentrations.  Cardiomyocytes cultured on the chips under normoxia 

conditions had similar morphology to cells grown in culture flasks (B). 
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Figure 2. Control cardiomyocytes cultured at 0 hours (A-C), 1 hours (D-F), and 3 hours 

(G-I) in the chip.  White light morphology (A,D,G), Hoechst (B,E,H) and MitoTracker 

Red (C.F.I) fluorescence did not change significantly during the course of culture (up to 6 

hours). 
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Figure 3. Representative images of cardiomyocytes cultured under hypoxia at 0 hours (A-

C), 1 hour (D-F), 2 hours (G-I), and 3 hours (J-L) in the chip.  Normoxia was then 

restored and images taken after 1 hour of normal oxygen levels (M-O).  Hoechst imaging 

of the nuclei did not show significant photobleaching or other loss of fluorescence 

intensity (B,E,H,K, N).  MitoTracker Red fluorescence was observed to decrease as cells 

became depolarized after 2 hours of hypoxia to induce ischemia in the cells (L).  When 

oxygen flow was restored (O), further loss of mitochondrial membrane potential was 

observed.  The larger fluorescent mass in panel O is an impurity in the PDMS chip and 

did not affect cell measurements. 
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                                       A 

 
                                    B 

 
                                 C 

Figure 4. Histograms of 

MitoTracker Red (MTR) 

fluorescence for control cells 

(A) and cells cultured under 

ischemia (isc.) and reperfusion 

(rep.) conditions (B).  Control 

cell intensities do decrease over 

the imaging period, but remain 

above 200 counts (for 1 µM 

MTR).  Cells falling below 200 

counts of MTR fluorescence 

intensity were deemed 

apoptotic.  Cells grown on the 

ischemia/reperfusion chip show 

a greater decrease in MTR 

fluorescence, with a steady 

growth in the number of cells 

(C) with depolarized 

mitochondria (determined as the 

number of cells with <200 MTR 

signal counts).  Black bar 

denotes period of reperfusion 

and restoration of normoxia.  

Error bars represent the 

counting error. 
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Figure 5.  Morphological changes in chip-cultured cardiomyocytes during ischemia and 

reperfusion injury.  At the experimental onset (A, top left) cells are fully attached or in 

the process of attaching to the matrigel surface.  When ischemia is induced (B) cell-

surface contact area decreases and the cardiomyocytes retract into spheroid shapes.  1 

hour after reperfusion (C) cells remain spheroid with minimal attachment to the surface.  

2 hours after hypoxia some cells have begun to reattach, but the majority of 

cardiomyocytes remain spheroid (D). 
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  C    D 

Figure 6. Cell attached at 4 hours of ischemia, showing MitoTracker Red fluorescence 

(A, white light image; B, MTR fluorescence image).  Apoptotic cell in the process of 

blebbing 2 hours after reperfusion (C, white light image; D MTR fluorescence imaging), 

with minimal MTR fluorescence signal from the cell. 

 

 

 

 

 
 A                                                       B  

Figure 7: White light (A) and MTR fluorescence (B) images of long-term cardiomyocytes 

culture in the control sample inside the chip. The cells inside the chip demonstrate the 

confluency of cardiomyocytes inside the chip. 
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                                                              C 

 

Figure 8: The oxygen measurement experiment showing the fluorescence images of 

ruthenium based oxygen sensitive dye (concentration = 250 µM) inside the chip at (A) 0 

minutes and (B) 30 minutes of flowing nitrogen inside the hypoxia box. Response of the 

O2 sensitive dye was calculated using three calibration gases (N2, Air, and O2).  The 

response curve (C) was used to assess that hypoxia was induced (<1% O2) after 30 

minutes of N2 flow. 
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Chapter 3: Probing Hypoxia-Induced Staurosporine Resistance in Prostate Cancer 

Cells with a Microfluidic Culture System 

(In Press: Analyst, 2014) 

 

Abstract 

A microfluidic system for cell culture and drug response studies was developed to 

elucidate the effects of hypoxia on drug susceptibility.  Drug response studies were 

performed in prostate cancer cells and Ramos B cells under normoxic and hypoxic 

conditions.  A vacuum actuated microfluidic culture device was used for cell culture and 

PC3 cells were cultured in the chip up to 16 hours. Cells were treated with several 

concentrations of staurosporine and apoptosis was assayed using the fluorescent probes 

MitoTracker Deep Red and Annexin-V.  For hypoxic samples, the chip was placed in a 

hypoxia chamber and pre-conditioned at <1% oxygen before inducing the cells with 

staurosporine.  Cells exposed to 2 M staurosporine were 32% ± 10% apoptotic under 

normoxic conditions but only 1.5% ± 12% apoptotic under hypoxic conditions.  As little 

as 1 hour of hypoxic preconditioning increased drug resistance.  Cell apoptosis correlated 

with drug dose, although in each case hypoxia reduced the apoptotic fraction 

significantly.  Given the rapid nature of cell adaptation to hypoxia, this chip and analysis 

approach can be used to identify compounds that can induce cell death in hypoxic tumor 

cells rapidly. 
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3.1 Introduction 

Resistance to chemotherapy has been identified as a significant problem in the 

treatment of cancer (1,2). The behavior and prognosis of malignant tumors are influenced 

by heterogeneities in tumor microenvironment (3,4). One of the critical features of the 

solid tumor environment is hypoxia (1-4). Inadequate or defective vasculature in the 

tumor mass leads to decreased oxygen concentration in a subset of tumor masses causing 

them to be hypoxic. Hypoxia can be acute or chronic depending upon the length of 

hypoxic periods (5,6). In chronic hypoxia, the distance of the blood vessel from the tumor 

creates low oxygen concentration within the tumor mass for several days whereas acute 

hypoxia is caused by the fluctuations of the oxygen concentration and it is more transient 

in nature. Hypoxia has been detected previously in human prostate cancer cells (7). 

Movsas and coworkers have used oxygen microelectrodes during surgery to detect the 

presence of hypoxic regions in prostate cancer (8). In another study, positron emission 

tomography (PET) was used to detect the regional hypoxia on various kinds of cancer 

(9). Reports on tumor hypoxia suggest that hypoxic adaptation should be considered in 

management of solid tumors (10,11,12). Hypoxia has been associated with resistance of 

cancer cells towards radiotherapy and chemotherapy (1-4). Resistance to therapy may be 

developed because of several factors such as direct lack of oxygen, altered cellular 

metabolism of drugs under hypoxic conditions, hypoxia-induced changes in cell cycle or 

via genetic instability (13,14,15). During the course of hypoxia, tumor cells may adapt to 

low oxygen levels by changing their gene expression pattern. The Hypoxia Inducible 

Factor (HIF-1) has been identified as one of the gene regulators during hypoxia 
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(16,17,18). Studies performed on the efficacy of cancer drugs are usually carried out at a 

normal oxygen concentration which might not be a true indicator of effects of cancer 

therapies. Therefore, while testing cancer drugs, it is important to test on hypoxic cells.  

Microfluidic platforms are amenable to cell based studies. Microfabricated 

devices provide an increase in temporal and spatial resolution and the throughput of 

analysis and at the same time are more cost effective than traditional culture systems 

(19,20). In the past, several in vitro drug response studies and gradient based drug studies 

have been performed in microfluidic devices (21,22,23). The temporal resolution of 

cellular assay increases greatly in a microfluidic system when compared to tissue sections 

or in vivo studies performed on animals. Microfabricated devices offer parallelization and 

high throughput drug screening at a shorter time (24,25,26). Also, microdevices can be 

integrated with several functionalities such as oxygen sensing (27,28,29). In the past, our 

group has used low-shear microfluidic device with oxygen sensing capability to study 

cardiomyocyte response towards ischemia/reperfusion injury (29). In that work, we 

demonstrated that reperfusion of oxygen triggers apoptosis in hypoxic cardiomyocytes.  

In this paper, we used a vacuum actuated culture device to study the cellular 

response towards an anti-cancer agent under both normoxic and hypoxic conditions. The 

device has been used previously in our group for long-term culture of multiple cell lines 

and to study apoptosis of 4 different cell lines at the same time under normoxia (30).  

Vacuum actuation has been developed as a straightforward approach to cell loading in 

low-shear devices (31). In this work, we were able to deplete oxygen from the chip in 

under 5 minutes, allowing us to control the period of hypoxia. Oxygen sensing was 
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achieved using fluorescence quenching of ruthenium dye.  Our device was able to create 

a precise and independent control of oxygen and nutrients. Prostate cancer cells were 

cultured in a low-shear environment at 21% oxygen and at <1% oxygen concentrations. 

Mitochondrial membrane potential was measured after treating the cells with various 

doses of staurosporine. Our approach offered real time imaging of cells with improved 

temporal dynamics, identifying apoptotic cells as early as 1 hour after drug treatment. 

Our findings show that there is a significant difference in the response of cancer cells 

towards the same dose of the drug at normoxic vs. hypoxic conditions; at 2 M drug 

concentration, cells at normoxic conditions were 20 times more depolarized than the cells 

at hypoxic condition at the first hour of drug treatment. Moreover, we show that even a 

short period (1 hour) of hypoxia is sufficient to enhance drug resistance in cancer cells. 

 

3.2 Materials and Methods 

Chip fabrication  

Devices were fabricated using standard multilayer soft lithography procedures. 

The detailed description of device fabrication and operation is described in our previous 

work (30). The dimensions of the channels are given in Table 1. To fabricate devices, a 

5:1 ratio mixture of PDMS pre-polymer and curing agent (Dow sylgard 184) was 

weighed and degassed to make the top layer (control layer). The mixture was then 

molded against the wafer and baked at 95 °C for 1 h.  A 25:1 ratio was used for the 

bottom fluidic layer. The mixture was then poured onto the silicon wafer and spin-coated 

at 2000 rpm for 30 s. After baking at 70 °C for 30 min, the control layer was placed on 
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top of the fluidic layer. The assembly was then baked at 120 °C for 2 h to form a seal. 

The resulting PDMS slab was then sealed onto a glass slide using oxygen plasma after 

punching holes for inlet and outlet connections. The device consisted of 256 culture 

chambers. The volume of each culture chamber was 5.7 nL and number of cells loaded 

into in each chamber varied from 10-50 cells.  

 

Cell culture and loading 

Human prostate cancer cells (PC3, ATCC CRL1435) were maintained in a culture 

flask in an incubator at 37 
o
C and 5% CO2. On the day of the experiment, cells were 

removed from the flask by trypsinization and stained with MitoTracker Deep Red 

(Invitrogen) solution (150 µM in PBS) for 30 minutes at 37
o
 C to measure mitochondrial 

membrane potential loss. For experiments of phosphatidylserine externalization, Mito 

Tracker Deep Red was not used. After washing once with PBS, the cells were 

resuspended in culture medium (RPMI + 10% FBS + 20mL Antibiotic) and kept in the 

incubator until the device was ready for loading. The chips were injected with the cell 

solution and vacuum pump was connected to the vacuum line. The vacuum pump was 

turned on and the cells were seeded in the side channels using vacuum actuation (30).  

Once all the chambers were filled with medium, the vacuum was turned off.  The 

medium was then flowed into the chip at the rate of 0.1 mL/hr, which was optimized in 

our previous work (30).  At the flow-rate of 0.1 mL/hr, the device has been shown to 

produce apoptosis response in the time span comparable to the Petri dish studies 
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Oxygen control 

For chips where hypoxic conditions were produced, the chips were placed inside a 

small metal hypoxic chamber on the microscope stage. The bottom part of the chamber 

consisted of a rectangular opening and the top part was made of polycarbonate to 

facilitate cell imaging (Figure 1B). The chamber consisted of an inlet and outlet for 

nitrogen flow to displace oxygen and induce hypoxia. This setup allowed for rapid and 

precise control of the oxygen content on the chip. Fluorescence quenching of Tris (4,7-

diphenyl-1,10-phenanthroline)- ruthenium(II) dichloride (250 M) was used to monitor 

oxygen content in the chip at the inlet and the main channel. The calibration of the device 

is described in our previous work (29). A 3-point calibration was performed at 0%, 21% 

and 100% oxygen.  The Stern-Volmer equation was used to convert fluorescence 

intensity to oxygen percentage. For the control experiment and the normoxic sample, the 

chip was placed on a heating stage maintained at 37 
o
C. For the hypoxic sample, the chip 

was placed in a hypoxic chamber which was then placed on the heating stage. Nitrogen 

was then flushed in the chamber to remove the oxygen. For the drug response studies, 

staurosporine in RPMI was flowed through the inlet in normoxic and hypoxic samples. 

Hypoxic samples were pre-conditioned without the drug under <1% oxygen for at least 1 

hour before starting the flow of drug solution. 

 

Fluorescence microscopy and apoptosis study 

MitoTracker Deep Red (MTDR) was used to assay membrane potential in PC3 

cells and Ramos B cells. The loss of membrane potential as the mitochondria depolarized 
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resulted in the release of MTDR from the mitochondria and a subsequent decrease in 

fluorescence. At each time frame, 3-9 culture chambers were analyzed (n = 30-150 cells.  

Cells were imaged on an inverted microscope (IX71, Olympus) with a 10X, 0.25 NA 

objective for white light and fluorescence images. A 200 W metal halide lamp (Prior 

Scientific) and filters appropriate for MTDR were used for fluorescence excitation and 

collection. Images were acquired with a 16-bit CCD camera (Orca, Hamamatsu) and 

processed in ImageJ software (National Institutes of Health). The exposure time was 50 

ms.  The intensities of cells induced with staurosporine at normoxic and hypoxic 

condition was measured as a function of time.  Control experiments were performed 

without any drug. The mean intensities of control cells were used to set the threshold. 

Cells falling below (µ-3σ) were counted as depolarized cells, where µ is mean of the 

control fluorescence intensities and σ is the standard deviation. For the measurement of 

phosphatidylserine externalization, Annexin V-Alexa Fluor 647 (Invitrogen) was used in 

combination with the viability dye Sytox Green (Molecular Probes). For this experiment, 

cells were stained on chip after 8 hour long drug treatment by flowing the dye solution at 

0.1 ml/hr for 30 minutes. Cells stained positively with Annexin V-Alexa Fluor 647 and 

negatively with Sytox Green were counted as apoptotic and cells stained with both dyes 

positively were counted as dead. 

 

3.3 Results and Discussion 

 Chip operation  

The cell culture chip, shown in Figure 1A, was based on our previous vacuum actuated  
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design (30). The bottom fluid layer and top control layer were separated by a thin PDMS 

layer. The gas permeability of PDMS led to facile cell loading and assisted in the removal 

of air bubbles. The air in each culture chamber was removed by the use of vacuum and 

resulted in cell loading at the same time. This kind of chip design has been previously 

shown to culture the cells up to 168 hours with >96% viability (29). For our experiment, 

we cultured prostate cancer cells (PC3) up to 16 hours in the chip. For the experiments 

involving hypoxia, the chip was placed in the hypoxic chamber (Figure 1B) to remove 

the oxygen and produce hypoxic condition for the cells. In the current study, we 

continuously created a hypoxic environment for the cells during the period of drug 

treatment. Hypoxic pre-conditioning was performed for multiple time frames, 1 hr, 4 hrs 

and 8 hrs.  

Solid tumors experience hypoxia as they grow. As the distance between the blood 

vessel and the core increases, the cells within the sections of the tumor start experiencing 

low oxygen environment. The oxygen concentration can reach lower than 1%. The design 

of the chip allowed it to be conveniently placed inside the hypoxia chamber and oxygen 

concentration was measured by using oxygen sensing dye, Tris (4,7-diphenyl-1,10-

phenanthroline) ruthenium(II) dichloride, as described in our previous work (29). This 

method allowed for measurement of oxygen concentration without the use of electrodes 

which require physical access to the chip. The oxygen permeability of PDMS is very high 

which allowed for the attainment of ≈1% oxygen within 5 minutes (Fig 2). As shown in 

the figure, the increase in intensity of the oxygen-sensing dye corresponds to the decrease 

in oxygen concentration. To eliminate the possibility of oxygen introduction in chip 
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through the constant flow of medium, we performed oxygen measurements at the inlet of 

the chip and the beginning of the culture chamber regions in the main channel. The 

difference between the oxygen concentration in the inlet and the main channel was less 

than 1% within the first 5 minutes. Moreover, within 8 minutes, both regions measured in 

the chip had oxygen concentrations that were close to 0%. Although the medium was 

oxygenated, the fluidic volume in the chip is much smaller than the volume of PDMS. As 

seen in Figure 2, within one minute the oxygen in the chip fluidic circuit decreased to 

approximately 6% at the inlet, indicating that the bulk PDMS was deoxygenated and 

allowed oxygen to permeate out of the medium. After five minutes the PDMS was 

deoxygenated enough to make the difference between the inlet of the chip and the culture 

chambers in the main channel nearly identical. Thus, induction of hypoxia was very rapid 

in the chip allowing for shorter period of pre-conditioning to have a significant difference 

in the drug response of prostate cancer cells. In addition, the continuous introduction of 

oxygenated medium did not affect hypoxic conditions in the chip. 

 

 Drug response under normoxic and hypoxic condition: early stage apoptosis markers 

Hypoxia causes therapeutic resistance to chemotherapy (1-5). Cells can adapt to 

low oxygen levels by changing their gene expression patterns. This adaptation occurs via 

a transcriptional response pathway mediated by the Hypoxia Inducible Factor (HIF)-1. 

Cancer cells experience hypoxia when the distance between the blood vessel and the cells 

is large and mass transport is limited. In cells treated with staurosporine under normoxia, 

MitoTracker Deep Red fluorescence decreased at a greater rate as compared with the 



Texas Tech University, Grishma Khanal, May 2014 

62 
 

cells treated under hypoxic conditions (Figure 3A). At 1 hour of drug treatment alone, the 

percentage of apoptotic cells was 32% ± 10% at normoxic conditions, but only 1.5% ± 

12% at hypoxic conditions. These fractions of apoptotic cells were statistically different 

from each other at the 95% confidence level. It is important to note that even one-hour 

preconditioning of hypoxia was enough to instill resistance to the drug. Over the entire 

course of study, the number of apoptotic cells continued to increase in the normoxic, drug 

treated cells. However, hypoxic, drug treated cells continued to remain healthy and were 

statistically identical to control cells. These results indicate that even short periods of 

hypoxia decrease susceptibility to staurosporine. Changes in cellular metabolism of the 

drug in lower oxygen microenvironment or hypoxia induced changes in genes might be 

the reason behind the chemotherapeutic resistance in hypoxic cells.  

In order to look at the response of prostate cancer cells according to drug dose, we 

then treated cells with lower (0.2 M) and higher (10 M) doses of staurosporine. At 

lower concentrations, the control cells and drug treated cells did not show significant 

difference in the apoptosis percentage, regardless of oxygen concentrations (data not 

shown). The lack of apoptosis might be because the 0.2 M concentration was 

insufficient to trigger apoptosis in the eight-hour experiment duration. At a concentration 

of 10 M under normoxic conditions, the fraction of apoptotic cells reached 95% ± 7% 

after 6 hours. However, only 15% ± 6% of drug treated cells under hypoxic condition 

were apoptotic (Figure 3B). Interestingly, the fraction of apoptotic cells in the hypoxic 

case did not increase after this maximum value was reached, indicating that only a 

fraction of the cells were susceptible to apoptosis induction at higher drug concentrations.  
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In order to further investigate this possible subpopulation of cells that were more 

susceptible to higher doses staurosporine under hypoxic treatment, we studied the effect 

of hypoxic preconditioning on the drug responses. Cells were pre-conditioned for 4 hours 

and 8 hours before inducing with 10 M staurosporine (Figure 3B). At longer pre-

conditioning, the susceptibility to staurosporine was not statistically different than 1 hour 

pre-conditioning. Therefore, we concluded that 1 hour pre-conditioning was sufficient to 

study hypoxic modulation to drug susceptibility. It is important to note that in future 

studies hypoxia preconditioning duration must be evaluated for new cell lines. We have 

shown that drug efficacy testing can be performed in our device, and that short hypoxic 

periods result in significant resistance to drug-induced apoptosis. In recent work by Qiao 

and Ma (15), they showed that LNCap and HeLa cells were less susceptible to radiation 

damage and drug treatment under hypoxia. Interestingly, we observed a greater 

difference between hypoxic and normoxic drug treated cells, although our assay for 

membrane potential differed from their measurements of DNA damage. 

 Hypoxia is a feature of solid tumors. Suspended cells such as lymphocytes on the 

other hand do not routinely undergo hypoxia. Thus, the ability to rapidly adapt to hypoxia 

might not be present in case of suspended cells. In past, we have used Ramos cells as a 

cell model for apoptotic studies (30). We treated Ramos B cells with 2 M staurosporine 

under normoxic and hypoxic condition (Figure 4). At 3 hours, the fraction of apoptotic 

cells under normoxic and hypoxic conditions were not significantly different from each 

other. Our result indicates that the hypoxic mechanism plays a role in decreased drug 

susceptibility. 
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Phosphatidylserine externalization 

One key benefit of our approach is that we can use different approaches to 

determine cell response instead of only one assay. Staurosporine triggers apoptosis via 

the mitochondrial pathway, resulting in the loss of membrane potential and release of 

cytochrome c in the earliest steps. To support our result of mitochondrial membrane 

potential loss, we also measured phosphatidylserine externalization in drug treated cells 

under normoxic and hypoxic condition. Annexin V probes are commonly used to assay 

phosphatidylserine externalization, and indicate mid-stage apoptosis. We first cultured 

prostate cells in the chip and induced apoptosis with 2 µM staurosporine for 8 hours and 

afterwards stained the cells for phosphatidylserine externalization and viability. For 

hypoxia measurements cells were preconditioned for 1 hour. 

 Cells positive for Annexin V-Alexa Fluor 647 and negative to Sytox Green were 

counted as apoptotic cells and cells positive for both dyes were counted as dead cells. The 

Total percentage of apoptotic and dead cells was approximately 5% in the hypoxic 

sample, compared to an apoptotic fraction of 38% in the normoxic sample (Figure 5). 

These fractions of apoptotic cells were statistically different from each other at the 95% 

confidence level. In this case viability was also assayed, and as expected a larger fraction 

of cells were already dead after the eight-hour drug exposure in the normoxic case. The 

fraction of apoptotic and dead cells was nearly identical to the control cells, indicating 

that necrosis is not an alternate death pathway for hypoxic cells. The phosphatidylserine 

externalization experiments show that apoptosis continues to its end point in our studies, 

and that hypoxia conditions cells toward drug resistance. In future work, we will explore 
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other cellular parameters to determine mechanisms of drug resistance, and also expand 

the types of cells and drugs assayed in these chips. 

 

3.4 Conclusion 

 Drug resistance in cancer cells continues to be a problem in cancer treatment and 

drug discovery.  Hypoxia in solid tumor masses plays an important role in cellular 

adaptation and changes in gene expression that result in resistance towards chemotherapy 

and radiotherapy. Our approach was able to produce ≈1% oxygen within 5 minutes and 

was able to elucidate cell response to a therapeutic compound under hypoxic and 

normoxic conditions.  Cells pre-conditioned under hypoxic conditions for 1 hour showed 

a significant difference in drug response as compared to the cells cultured under 

normoxic conditions, indicating that our methods can be used to rapidly assess the 

efficacy of anti-cancer compounds against hypoxic tumor cells.  In the future, we will use 

this microfluidic device to culture multiple cancer cell lines at the same time and study 

the differences in cell response under normal and hypoxic conditions for a wide range of 

anti-cancer compounds.  
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Figure 1: Hypoxia Chip design (A).  The multilayer device contains a bottom layer with 

identical, low-shear culture units.  In this work, each unit has the same conditions.  The 

upper layer contains vacuum channels to load cells into the culture units.  Cells were 

loaded by vacuum actuation into the culture units and constant medium flow maintained 

nutrients in the culture units.  The chip is placed in a hypoxia chamber (B) to control 

oxygen concentrations in the chip.  The chamber was placed on a heating stage and 

allowed for fluorescence and white light imaging.  The medium flowing into the chip 

inlet was changed to introduce fluorescent probes when needed.  For oxygen 

concentration measurements, the chip was filled with a solution of an oxygen-sensitive 

dye and fluorescence images were recorded. 
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Figure 2: Oxygen concentrations in hypoxia chips with constant introduction of medium.  

The concentration of oxygen was measured at two points in the chip, the inlet and the 

main channel (located at the first culture unit). The increase in fluorescence intensity of 

the ruthenium dye corresponds to the decrease in oxygen concentration. After 5 minutes, 

the oxygen concentration at both points was ≈1%. Errors represent 1 standard deviation 

of the mean signal (oxygen concentration error bars are too small to be seen).  The 

deoxygenated PDMS served as an oxygen sink, so that oxygen entering the chip (via 

infused medium) was removed before reaching the culture inlets. 
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Figure 3: Dose response study of prostate cancer cells towards staurosporine under 

hypoxic and normoxic conditions. The number of cells with depolarized mitochondria 

(indicated early stage apoptosis) were measured as a function of time. Control 

measurements were performed (black squares) for 8 hours under normoxic conditions 

without staurosporine. Hypoxic studies (red circles) were conducted at <1% oxygen in 

the presence of staurosporine.  Normoxic measurements (purple triangles) were 

conducted at 21% oxygen in the presence of staurosporine.  The dashed rectangle 

represents a one-hour period of hypoxic preconditioning that preceded hypoxia studies in 

(A), but not normoxia and control measurements.  At 2 M staurosporine (A), there was 

a statistically significant difference in the number of drug-treated apoptotic cells under 

hypoxic and normoxic conditions.  32% ± 10% of cells were depolarized under 

normoxia, while less than 1.5% ± 12% of cells were apoptotic under hypoxia.  At 10 M 

staurosporine (B), the fraction of apoptotic cells after 6 hours of drug treatment was 95% 

± 7% under normoxia and 15% ± 6% under hypoxia. . These fractions of apoptotic cells 

were statistically different from each other at the 95% confidence level. Lower 

concentrations (0.2 M) of staurosporine did not elicit a response from cells for the 6 

hour measurement period under hypoxic or normoxic conditions (data not shown).  The 

short period of hypoxic preconditioning was sufficient to instill increased resistance to 

staurosporine, indicating that cell protective measures are rapidly activated and greatly 

affect drug efficacy measurements. PC3 cells were also pre-conditioned at <1% oxygen 

for 4 hours and 8 hours (B) before drug induction. Periods of 1 hour, 4 hour and 8 hour 

pre-conditioning did not yield statistically significant differences in drug response. 
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Figure 4: Drug response of suspended B lymphocyte cancer cells. Ramos B cells were 

treated with 2 M staurosporine at normoxic (purple triangles) and hypoxic (red circles) 

conditions. Control measurements were performed (black squares) for 6 hours under 

normoxic conditions without staurosporine. The number of cells with depolarized 

mitochondria were measured as a function of time. The response of B cells toward 

staurosporine was not significantly different under hypoxic and normoxic conditions. 

Suspended cells do not posses hypoxic regions. Therefore, hypoxia adaptive mechanism 

is not present in these kinds of cells rendering them susceptible to drugs even at hypoxic 

conditions.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 



Texas Tech University, Grishma Khanal, May 2014 

74 
 

  

 
                    A 

 
 B 

 

Figure 5: Late-stage apoptosis measurements under hypoxia and normoxia.  

Measurement of phosphatidylserine exposure using Annexin V and Sytox Green showed 

that apoptotic cells continued through the cell death cascade when treated with the drug 

(2 M staurosporine).  (A) Representative white light and fluorescence images of 

apoptotic (Annexin V + and Sytox Green -) and dead (Annexin V + and Sytox Green +) 

cells.  After 8 hours of drug incubation 1.2% ± 6% of cells were apoptotic and 4.2% ± 

6% of cells were dead under hypoxic conditions, indicating hypoxia continued to 

safeguard cells against apoptosis.  In normoxic chips, 39 ± 8% of cells were apoptotic 

and 31% ± 8% cells were dead after 8 hours of treatment with the drug.  The fractions of 

apoptotic and dead cells were statistically different from each other and the control 

samples at the 95% confidence level. 
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Table 1: Chip Dimension 

Chip Features Dimensions 

Length of main channel 5.5 cm 

Width of main channel 300 µm 

Length of culture chamber 1 mm 

Width of culture chamber 150 µm 

Length of vacuum channels 4.8 cm 

Width of vacuum channels 150 µm 

Height of all channels 38 µm 

Number of culture chambers on each side 128 
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Chapter 4. Analysis of N-glycans by Microfluidic Separations Coupled to 

Fluorescence and Mass Spectrometric Detection 

 

4.1  Introduction 

Glycocylation is a significant event in the post-translational modification of 

proteins which results in the formation of glycoproteins. Glycosylation plays an essential 

role in biochemical processes including protein folding, stability and localization (1,2,3). 

Alteration in the glycosylation or the glycoproteins themselves has been linked to many 

diseases such as cancer (4,5). A large number of structural variations of glycoproteins 

arise from the multiple glycosylation sites of proteins and the number of glycan structures 

associated with each site. Multiple glycosylation sites of protein and their associated 

microheterogeneity leads to complexity of glycosylation patterns and difficulty in 

resolving fine structural differences (6). There are two kinds of glycans depending upon 

their attachment to the protein – N linked glycans and O linked glycans. N-glycans are 

glycans that are covalently attached to the Asn residue in the Asn-X-Ser/Thr sequence 

where X is any amino acid other than proline. O-glycans, on the other hand are attached 

to Ser/Thr residues of proteins (7,8). N-Glycans have a common core structure and are 

classified into three types – oligomannose (high mannose), hybrid type and complex type. 

The population of glycan attached to the Asn residue in glycoprotein depends on the cell 

type and on the physiological state of the cell (9).  

Glycans have been reported to be involved in biological processes such as cell 

growth and development, differentiation, inflammation, tumor regulation, cell signaling 
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etc (10,11,12). Attachment of glycan to protein can be significantly altered in diseases 

consequently affecting the functional activity of protein (6). Therefore, developing the 

analytical tools for the identification and characterization of these glycans is very 

important to provide early diagnosis and prognosis of diseases. Glycoproteomic 

measurements are performed with sub-micron quantities of isolated glycoproteins calling 

for the techniques which offer higher sensitivity and structural information (13). Mass 

spectrometry often provides high sensitivity for the analysis of glycoproteins. However, 

MS based detection does not offer isomer resolution without high-order MS/MS (MS
n
) 

which requires multiple mass spectrometers in series. Capillary electrophoresis on the 

other hand, is a sensitive technique which provides high separation efficiency and 

resolution but at the same time lacks structural elucidation. Therefore combining CE with 

MS will provide isomer separation as well as structural elucidation of N-glycans.   

Working at reduced scale can introduce problems such as sample loss during 

preparation and contamination. Therefore, minimizing sample handling and transfer can 

improve sensitivity of analysis. Miniaturized capillary electrophoretic techniques in 

microfluidic devices offer low reagent consumption, high separation efficiencies (14,15) 

and better dissipation of joule heating because of high surface to volume ratio. Moreover, 

integration of sample preparation, purification capability can greatly reduce sample loss 

during handling and transfer. In recent years, microfluidic capillary electrophoresis has 

been used in several biological applications (16,17,18). A typical set-up of sample 

injection and separation is shown in Figure 1. The sample is injected using electrokinetic 

injection. The sample present in sample well (S) is moved towards sample waste (SW) by 
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application of electric field. The sample plug formed at the t-junction is then moved 

towards the buffer waste while separating the samples by switching the voltage potential.  

The two factors which govern the movement of ions in the capillary 

electrophoresis are electrophoretic mobility (µep) and electroosmosis (µeo). 

Electrophoretic mobility is proportional to the charge of the ion and inversely 

proportional to the friction coefficient. Electroosmosis refers to the movement of the 

buffer in the capillary under the influence of the electric field. The inner surface of a 

fused silica capillary or glass is covered with silanol groups (Si-OH), which are 

negatively charged. The negatively charged surface is counterbalanced by positive ions 

from the buffer, forming the electric double layer. Under the influence of the electric 

field, the positive ions in migrate towards the cathode and pull the electrolyte solution 

with them resulting in electroosmotic flow. When the system is run without EOF, the 

separation of analytes is controlled by their charge to hydrodynamic radius allowing for 

separation of isomers. Electroosmotic flow can be reduced by coating the capillary with a 

material that suppresses ionization of the silanol groups, such as polyacrylamide or 

methylcellulose (19,20). 

The aim of this work is to investigate the materials for the fabrication of 

microfluidic device that is able to provide high separation efficiency and resolution and 

electrospray of N-glycans into the mass spectrometer. We used two kinds of materials, 

PDMS and glass. Many studies have reported the use of glass because of its predictable 

surface properties which is an important criterion in electrophoretic separation (21,22). 

However, glass fabrication is time consuming, expensive and requires the use of 
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hazardous chemicals. PDMS devices on the other hand are more easily fabricated and are 

inexpensive. The surface chemistry of PDMS is not as amenable to modification as glass 

surface resulting in less efficient separation and low signal to noise ratio in mass 

spectrometry (23,24). In our work, we investigated different types of dynamic coating 

materials for controlling the surface properties of PDMS. Glass chip fabrication was also 

performed and we present the comparison between glass devices and PDMS devices for 

the separation and electrospray of N-glycans. 

 

4.2  Materials and Method 

Fabrication of PDMS devices 

PDMS microfluidic devices were developed using soft photolithography. Briefly, 

SU-8 photoresist was spin-coated onto a silicon wafer at 2000 rpm for 30 s resulting in a 

film thickness of 40 µm. The wafer was then baked on a hot plate at 95 °C for 5 minutes. 

UV exposure was performed over the photo mask placed on silicon wafer for 20 seconds 

using UV exposure lamp and the wafer was baked again for 5 minutes. The wafer was 

then developed for 5 minutes using SU-8 developer and hard baked at 200 °C for 10 

minutes. The surface of the wafer was then silanized for at least 1 hour before the wafer 

was ready to be used. The PDMS was prepared by mixing 10:1 ratio (w/w) of pre-

polymer and cross-linking agent and degassed under vacuum for 30 minutes. The mixture 

was then poured on the mold and baked for 1 hour at 95 °C. This process resulted in the 

PDMS slab with the 80 µm wide and 40 µm deep channels. The piece with the channel 

was then bonded to a blank PDMS piece by the use of oxygen plasma. For the fabrication 
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of electrospray chip, we followed the same procedure of soft lithography described 

above. The chip was then cut using the razor blade to form the spray tip. For the designs 

involving sheath flow (Figure 2A), platinum wire was inserted into the channel and 

sealed using a drop of PDMS.  

 

Dynamic Coating of PDMS Channels 

Dynamic coating of PDMS devices was performed using surfactants to create 

charged surface for the promotion or reversal of electroosmotic flow (EOF). Anionic 

surfactant such as sodium dodecyl sulphate (SDS 25 mM) and cationic surfactant 

cetyltrimethyammoniumbromide (CTAB 0.5 mM) was used to produce negative or 

positive surface in PDMS microchannels respectively. The nonionic surfactant n-dodecyl 

β-D-maltoside (DDM 0.25% w/v) was used in combination with ionic surfactant to 

increase the efficiency of separation. For the separation of dyes fluorescein (1 µM) and 

calcein (80 µM), devices were coated with SDS to create negative charge on the 

microchannels and for the separation of glycans, channels were coated with CTAB and 

DDM. 

 

Fabrication of glass microdevices 

Positive photoresist (AZ 9260) was spun coated onto the chromium coated glass 

slides at 3000 rpm for 30 s followed by 1000 rpm and 2000 rpm for 15 s each. The glass 

slides were baked at 95 
o
C for 2 minutes and UV exposure was performed onto the 

photomask placed on the wafer using UV exposure lamp for 15 s followed by post-
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exposure bake for 2 minutes. The glass slides were then developed using the positive 

developer (AZ 400K developer) for 45-60s and washed with DI water. After air drying 

the glass slides, chromium etchant (Alfa Aesar) was used to etch the chromium layer for 

60-90 s. The glass slides were then immersed in the buffered oxide etchant solution 

containing hydrofluoric acid (10% v/v) and ammonium fluoride for 4 hours. Personnel 

Protective Equipment such has lab coats, goggles and gloves were used all the time inside 

the laboratories and special safety precautions were taken while handling buffered oxide 

etchant. After the channels were etched, the glass slides were washed with water and with 

acetone to remove the photoresist layer. Chromium etchant was used to remove the 

remaining chromium layer. To seal the device, blank glass slides were drilled using 

diamond drill bits and both pieces of glass slides were placed in 5:1:1 solution of 

ammonium hydroxide, hydrogen peroxide and water for 30 minutes. The glass were 

brought together in running water and placed between macor ceramic slabs. The 

assembly was placed in the furnace and a 2.5 kg weight was placed on the top and heated 

to 640
o
C for 6-8 hours. The glass devices were finally treated with 100 mM NaOH for 30 

minutes followed by 15 minutes of washing step using nanopure water. The surface 

treatment with NaOH was repeated as required. 

 

N-Glycan sample preparation 

Sample preparation was performed by graduate students working in Dr. Yehia 

Mechref’s lab. For the labeling of dextrin, 10-20 µg of dextrin sample and 2 µl of 100 

mM 8-Aminopyrene-1,3,6-Trisulfonic Acid (APTS) (in 0.9 M acetic acid) was mixed in 
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an amber vial. 1 µl aliquots of freshly prepared 1 M sodium carbonate hydride solution 

prepared in DMSO was added into the vial. The mixture was then incubated at 65 
o
C for 

2 hours. The solution was then kept overnight in a dialysis membrane in a beaker filled 

with nanopure water to remove excess unlabelled APTS. In the case of glycan samples, 

glycoproteins were first digested using a digestion buffer consisting of 20 mM 

ammonium bicarbonate and 2 µl of PNGase F. The vials were then placed in the 

waterbath overnight at 37 
o
C. The labeling of glycans was performed by following the 

protocol for the sugar sample described earlier. 

 

Separation and electrospray in microdevices 

In PDMS devices, for the separation of dye solutions, 25 mM SDS in 10 mM 

borate buffer was used. The channels were filled with the buffer and 20 µl of buffer 

solution was used to fill all 4 wells. In case of dextrin and glycan samples, 0.5 mM 

CTAB and 0.25% (w/v) DDM in 10 mM borate buffer was used as the background 

electrolyte. In glass devices, 10 mM Phosphate buffer was used as the background 

electrolyte and 10 µM solution of fluorescein was used as sample. Voltage potentials of 

300V/cm to 570 V/cm were applied for separation using a custom power supply. An 

inverted microscope (IX 71, Olympus) was used to obtain all images of the separation. 

For fluorescence excitation, a metal halide lamp was used with the appropriate filters for 

the excitation and emission for all samples. All images were taken with an 10X, 0.25 NA 

objective and recorded by a 12-bit CCD camera (Orca-285, Hamamatsu). The images 

were processed in ImageJ (v. 1.41, National Institute of Health). Generation of 
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electrospray was performed on the microscope stage (Figure2A-2D) and on mass 

spectrometer (Figure 2E). In both cases, a custom power supply was used to apply the 

voltage. 

 

4.3  Results and Discussion 

Figure 2A shows the design of the microdevice for separation and electrospray. It 

consists of the side channel to provide the sheath flow. CE flow rates are in the order of 

1-100 nL/min. However, for effective electrospray ionization, the flow rate requirements 

are in the order of 1-200 µl/min. Therefore, the sheath-flow from the side channel 

provides the make-up volume to attain the flow rate requirement in ESI. Generation of 

electrospray was performed on both the microscope stage (Figure 3A-3D) and mass 

spectrometer (Figure 3E). The voltage for electrospray was provided by the platinum 

wire placed at the junction of main channel and side channel (Figure 2A). Figure 3A 

shows the plug of fluorescein from the main channel coming towards the electrospray tip. 

When the voltage is off (Figure 3A), the plug does not move forward (except by 

diffusion) and when the electrospray voltage is applied, the plug moves towards the tip 

and forms a droplet. If the ground is placed at the correct position, the droplet can form a 

cone shaped spray (Figure 3D). Using the same device, we were also able to generate 

electrospray in the mass spectrometer (Figure 3E). The electrospray generated was stable 

and produced constant ion signal. 

The surface chemistry of PDMS devices is difficult to control. Small molecules 

can diffuse into PDMS walls fouling channel surfaces. Therefore, dynamic coating of 
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PDMS with different types of surfactant was explored. Ionic surfactants have been 

reported to generate EOF in electrophoretic channels. In addition, surfactants eliminate 

adsorption of analyte into the PDMS. In our work, we employed ionic and non-ionic 

surfactants either separate or in combination for the separation of various samples (Table 

1). Sample of fluorescein and hydrolyzed calcein-AM were separated in a PDMS device 

coated with SDS (Figure 4B). Fluorescein is characterized by two distinct peaks followed 

by a single peak of hydrolyzed calcein. The results were reproducible and consistent over 

several experiments and chips. In addition, no dye was absorbed into the PDMS and the 

chip could be reused several times. Glycan samples derived from blood serum and 

Ribonuclease B were separated in PDMS devices dynamically coated with CTAB and 

DDM (Figure 4C and 4D). The glycan samples were labeled with APTS. Therefore, the 

first few peaks were similar in both samples and were attributed to free APTS and its 

derivatives. We were able to get reproducible and consistent separation with coated 

PDMS chips. However, identification of the peaks was limited without mass 

spectrometer for structural elucidations. Nonetheless, the separation resolution was 

improved as compared to the uncoated chips (Figure 4A). Several electric fields were 

applied for the optimization of separation. 420v/cm resulted in the best separation of 

glycans and did not cause any charring of PDMS over multiple runs (Figure 4C and 4D). 

Figure 5A shows the MS signal of native dextrin sprayed from the HESI source 

(heated electrospray ionization). Dextrin is a sugar that consists of different numbers of 

glucose units. In Figure 5A, 5 different glucose chains are identified. Using the signal 

from the HESI source as a standard, we then sprayed dextrin sample without the 
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separation buffer from the PDMS device into mass spectrometer. We were able to 

identify 4 different peaks of dextrin (Figure 5C). However, when the sample was mixed 

with separation buffer, only one peak was identified and the signal to noise ratio was low. 

Moreover, the ion signal was decreased to half when the separation buffer was used 

(Figure 6). The buffer consisted of different kinds of surfactant that was required for 

separation in PDMS chips. Figure 6 shows the comparison between various combination 

of buffer and additives and their effect on the ion signal of Glc4 and Glc5 (Dextrin 

molecule with 4 units and 5 units of glucose, respectively). As the figure shows, addition 

of surfactant decreased the signal more than15 times in some cases. Highest signal was 

obtained from the sample in borate buffer without surfactants reaching the intensity upto 

140000. The addition of CTAB and DDM reduced the ion signal to almost 0 in some 

cases. From these experiments, we concluded that PDMS devices can be used for 

separating and analyzing glycans, but integrating with mass spectrometry is difficult. For 

an efficient separation in PDMS devices, dynamic coating can be an option. However, the 

surfactant signal in MS is very high resulting in low signal to noise ratio. Therefore, 

PDMS as a material is not the best choice in experiments involving MS.  

To overcome the problem of chemical incompatibility, we explored other material 

such as glass (Figure 2B). Glass posses several attributes that is optimal for microfluidic 

capillary electrophoretic techniques. Glass is chemically robust, is resistant to chemical 

contamination and is compatible with organic solvents. However, fabrication of glass 

devices is not straightforward. Unlike PDMS devices, the fabrication of glass devices 

required multiple steps and days for the chip to be completed. Moreover, chemical 
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etching requires hazardous chemicals such as hydrofluoric acid. Glass bonding is not as 

straightforward as PDMS plasma bonding. Bonding process takes 1-2 hours of cleaning, 

6-8 hours of bonding and 8-10 hours of cooling time. Nonetheless, once fabricated, glass 

devices are re-usable. The negative surface can be regenerated by treating with sodium 

hydroxide.  

Sample of 10 µM fluorescein and 80 µM hydrolyzed calcein was separated in the 

glass microdevice (Figure 7). Two dye samples were separated and produced 

reproducible peaks at 420 V/cm. The heat dissipation of glass is better than that of 

PDMS. Therefore, multiple runs without the use of surfactant did not cause any charring 

or boiling of the buffer. Moreover, glass microdevices were reusable for multiple 

experiments and surface could be reproduced by the treatment with NaOH. In the future, 

we will employ the glass device to produce electrospray into the MS. The chip-design 

(Figure 2A) will be employed as a sheath-flow design. Polymers like acrylamide will be 

used to suppress the electroosmotic flow for the separation of glycans. We will also 

explore sheath-less design using electroosmotic pump. The side channels will be left 

uncoated and the main channel will be coated with polymers to create an EOF flow 

towards the electrospray chip. The glycan samples will be first separated and detected by 

laser-induced fluorescence and sprayed into MS to determine the subtle changes in 

glycosylation in diseased conditions. 

 

4.4 Conclusion 

We explored two different kinds of materials for the separation and electrospray  
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of glycans derived from biological samples. While the fabrication of PDMS 

devices is straightforward, the surface properties of PDMS are not suitable for 

electrophoretic separation and electrospray. Addition of surfactant improved the 

separation of different kinds of sample, but the presence of surfactant in the buffer greatly 

decreased the signal to noise ratio in MS. Glass devices were also fabricated and 

reproducible separation was achieved. In future work, glass devices will be explored for 

electrophoretic separation integrated with electrospray. 
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Figure 1: Set-up of a typical electrophoresis separation. When the voltage is applied 

across the sample channel (A), the electrokinetic movement of sample leads to sample 

injection from sample well (S) to sample waste (SW). Once the sample is injected, the 

voltage is switched and applied across the buffer channel (B) which results in the 

movement of sample plug towards buffer waste (BW).  
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Figure 2: The microfluidic chip design for electrophoretic separation and electrospray (A) 

Green channel is the main channel for separation and the blue channel is the make-up 

flow. A platinum electrode is inserted at the junction of main channel and side channel to 

provide the electrospray voltage. Complete glass microchip (B) with the 80µM wide 

separation channel. 
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                           C                                                                  D 

                                     
                                                            E 

 

Figure 3: Electrospray generation on the microscope stage (A-D) and in the mass 

spectrometer (E). When the electrophoretic voltage is off (A), the sample does not move 

toward the tip (except for some diffusion). When the voltage is on (B), the sample moves 

toward the tip and form a droplet (B,C). And, when the ground electrode is applied at the 

correct position, an electrospray cone is formed (D). 
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Figure 4: Separation of different samples in uncoated PDMS devices and devices 

dynamically coated with surfactant. Separation of hydrolyzed calcein in an uncoated 

PDMS device (A). The peaks were broad and not reproducible. Separation of fluorescein 

and hydrolyzed calcein (B), glycan sample derived from RibonucleaseB (C) and glycan 

sample derived from blood serum (D). The surfactant coating improved peak width and 

reproducibility. The first few initial peaks in the glycan samples are similar and are 

identified as the free APTS and its derivatives. 
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Figure 5: Mass spectrometry signal for dextrin. Native dextrin signal (A) sprayed into MS 

using HESI source showing 5 different peaks for dextrin. Dextrin sample mixed with 

separation buffer (B) and without separation buffer (C) sprayed from the chip. The signal 

to noise ratio is lowered when the separation buffer is used resulting in only 1 peak out of 

5 in the sample mixed with buffer. The noise in the system is mostly from the surfactants 

present in the separation buffer. 
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Figure 6: Comparison of ion signals using several kinds of buffer. Buffer with surfactant 

resulted in lowest signal. The highest signal was achieved using 1 mM borate buffer 

without addition of surfactant. 
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Figure 7: Separation of 10 µM fluorescein and 80 µM calcein in the glass device. The 

electric field of 470 V/cm was able to separate the two samples. 

 

 

 

 

 

Sample Buffer 

10 µM Fluorescein and 80 µM Hydrolyzed 

Calcein 

10 mM Borate Buffer, 25 mM SDS 

Ribonuclease B (1 µg/1000 µl) 10 mM Borate Buffer, 0.05 mM CTAB, 

0.25% w/v DDM 

Dextrin (1 µg/1000 µl) 10 mM Borate Buffer, 0.05 mM CTAB, 

0.25% w/v DDM 

 

Table 1: List of buffer combination used for different samples in PDMS devices 
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Conclusion and Future Work 

The development of microfluidic culture systems with capability of on-chip 

apoptosis assays, oxygen measurement and capability of electrophoretic separation and 

electrospray has been demonstrated. The first work discusses the use of microfluidic 

culture system to study apoptotic death during ischemia reperfusion injury. Our approach 

offers on-chip oxygen measurement capability. In the literature, studies on 

ischemia/reperfusion injury are performed on whole animals raising ethical issues. Our 

approach provides an alternative to whole animal studies. Moreover, one heart can 

provide cells sufficient to perform several experiments, reducing variability. In our study, 

primary porcine cardiomyocytes were cultured in a low-shear culture device and 

mitochondrial depolarization was studied using fluorescent probes. Ischemia/reperfusion 

injury was introduced in the device and oxygen measurements were performed using 

oxygen sensitive dyes. On-chip apoptosis assay can be performed with multiple analytes 

without direct fluid flow to the cell culture, reducing the shear stress. Moreover, the 

control of oxygen in the device is straightforward and hypoxic and normoxic condition 

can be achieved within few minutes. Therefore, in future work, these kinds of devices 

and the system will be used in applications where oxygen plays an important role. Our 

device and approach can be used in variety of biological application to study the response 

of cells toward oxygen concentration. Modification of these culture devices will also be 

made to create gaseous gradients across the culture chambers to produce multiple 

concentrations of oxygen at the same time. 
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 In our second work, we used vacuum actuated microfluidic culture devices to 

study the effect of hypoxia on drug resistance in cancer. The device used in this work 

consisted of 256 culture chambers. Prostate cancer cells and Ramos B cells were cultured 

in the device and hypoxic conditions were achieved by placing the device in the hypoxic 

chamber. The oxygen concentration measurements were performed by the system we 

developed in our previous work. Cell death via apoptosis was measured by studying 

mitochondrial membrane potential loss after the cells were treated with staurosporine. 

There was a significant difference in the response of prostate cells under hypoxic and 

normoxic conditions. However, Ramos B cells did not show statistically significant 

different response under normoxic and hypoxic conditions. Our results indicate that 

hypoxia has a strong correlation with drug resistance in tumor cells. Our system was 

capable of long-term cell culture and on-chip apoptosis assays. Multiple parameters of 

apoptosis were detected and the hypoxic microenvironment was maintained. In future 

work, multiple cell-lines will be cultured in the same device and cell response toward 

different kinds of cancer drugs will be studied. 

We also developed microfluidic device capable of electrophoretic separation and 

electrospray. Two kinds of materials were explored, PDMS and glass. The PDMS surface 

did not produce a stable electroosmotic flow (EOF). Dynamic coating of PDMS devices 

with ionic and nonionic surfactants helped to improve EOF and separation performance. 

Reversed EOF was used in the separation of glycan samples. For identification and 

structural elucidation, glycan samples derived from biological samples were analyzed by 

mass spectrometry. However, the presence of surfactants diminished the glycan signal. 
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PDMS, while easy to fabricate and use, does not possess an amenable surface for 

electrophoretic separations. Therefore, glass devices were explored. Chemical wet 

etching was performed to fabricate glass separation and electrospray chips. Glass 

microdevices will be modified using acrylamide to remove EOF and to achieve the 

separation of glycan isomers. Sheath-flow and sheath-less designs for electrospray will be 

explored for structural elucidation of glycans. 
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