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CHAPTER I 

INTRODUCTION 

Specimens in natural history collections can provide valuable information on the 

diversity, distribution, and taxonomic relationships of species (Graham et al. 2004). 

Information is becoming more available to the public and scientific community through 

access of virtual and digital databases for research and educational purposes. Over the 

years, it has become apparent that these collections are essential for researchers in the 

fields of systematics and evolutionary biology (Suarez and Tsutsui 2004).  The 

morphology and spatial variation of skeletal remains, especially the skull can be 

influenced by various biological processes and could potentially signal geographical and 

environmental selection pressures that result in different functional responses (Foote 

1997; Zelditch et al. 2004; Weaver 2012).  

However, the use of these collections is not limited to studies involving 

systematics and evolution. Physically preserving the morphology of skulls, especially in 

animals like crocodylians provides valuable information that has led to many studies of 

shape variation and morphological disparity that have been implemented in various 

phylogenetic analysis (Brochu 2000; Brochu and Densmore 2001; Stayton 2005; Pierce 

et al. 2009; Weaver 2012). Today, these scientific collections are important in a variety of 

biological fields such as the study of climate change, invasive species, and biodiversity 

(Suarez and Tsutsui 2004).  Therefore, the methods and maintenance that go into the 

preparation and preservation of museum specimens is of paramount importance.   
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Museum specimens are crucial for understanding taxonomy and also benefit the 

advancement of both basic and applied sciences (Suarez and Tsutsui 2004).  In this 

project, I propose to examine three types of methodologies (burial method, cold water 

maceration, and dermestid beetles) to produce and preserve complete skeletons of the 

American alligator (Alligator mississippiensis). These methods will be tested on 18 

individuals of different size groups (juveniles and adults).  Then, by extracting DNA by 

two different methods (completely destructive vs. minimally destructive; Rohland and 

Hofreiter 2007; Lee et al. 2009; Bolnick et al. 2011) from specimens, we can compare the 

quantity and relative quality of DNA and determine the optimal method of DNA bone 

extraction with minimal damage to the museum specimens. In such cases, may be rare, 

that curators may be hesitant to allow sampling for research that would cause damage to 

specimens. The study is to help provide information on which preservation method best 

preserves the morphology and DNA of the skeletal specimens. 

Specific Aims: 

1. To compare the efficacy of different methods of cleaning and preserving complete 

crocodylian skeletons to determine which is the most appropriate for the different 

alligator size groups.  

i. Development of detailed protocols that will be made available 

through public access for researchers and educators, describing the 

requirements needed to produce an intact skeleton for each size 

group. 

ii. The specimens’ skeletal taphonomic classification will be assessed 

in two ways: articulation and completeness as developed for 
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marine crocodiles (Beardmore et al. 2011, 2012). Only 

classifications will be identified, analysis will not be done in this 

study. 

2. To determine which method yields the highest quantity DNA. 

i. Compare the quantity of DNA isolated from bone (Cooper 1994) 

by Qubit 3.0 Fluorometer. 

ii. Through comparative analyses, examine several bones from the 

pre- and post-cranial regions that allow for the extraction of DNA 

with minimal specimen damage to their morphological landmarks; 

bones for extraction include articular bones, teeth (Rohland and 

Hofreiter 2007), and femora. The extraction will go through a 

minimally destructive and a completely destructive process of the 

bone extraction. 

This project will help characterize what is needed for better preservation of 

museum specimens and elucidate the best method for DNA extraction with minimal 

destruction of specimens in museum collections for future morphological projects.  With 

this understanding, museum curators can be much more comfortable with granting 

researchers access to rare specimens for future studies.  This information can aid in our 

knowledge and understanding of the taxonomic relationships between extant 

crocodylians. The information will be used to evaluate any possible errors or questions of 

phylogenetic relationships (Graham et al. 2004). 

Skeletons and skulls can be used as research-based educational materials and 

contribute to development of databases for future research. Research and education 
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collaborations will be established with faculty and students at institutions with 

underrepresented groups in science through participation in this study.  

Geographic Distribution of Crocodylians 

Currently, there are 24 recognized species of extant crocodylians that are divided 

into three families: Alligatoridae, Crocodylidae, and Gavialidae. In those three families, 

there are nine known genera: Alligator, Caiman, Paleosuchus, Melanosuchus, 

Crocodylus, Mecistops, Osteolaemus, Tomistoma, and Gavialis. Crocodylians are broadly 

distributed throughout the tropical and sub-tropical regions around the globe, with two 

species of Alligator found in temperate regions. In Asia, Tomistoma, Gavialis, 

Crocodylus, and Alligator are present. In Australia, only one genus, Crocodylus is found. 

Crocodylus, Mecistops and Osteolaemus are represented in Africa. In South America 

Caiman, Paleosuchus, Melanosuchus, and Crocodylus are found and in North America 

Crocodylus and Alligator are present (Groombridge 1987).  

Conservation Status of American alligator (Alligator mississippiensis) 

The two species of Alligator are: American alligator (Alligator mississippiensis) 

(Daudin, 1802), and the other species is the Chinese alligator (Alligator sinensis) (Fauvel, 

1879). The A. mississippiensis is listed under CITES (Appendix II) and considered lower 

risk/least concern (IUCN Red List 2009) meaning they are of lesser concern, but due to 

exploitation and resemblance of the American crocodile (Crocodylus acutus), still 

warrants protection (Ross 1989; Janes 2004).  

Commercially, American alligators have been used for meat and skin/ hide 

products since the 1800s and harvesting of this species went unregulated throughout the 
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range distribution until the 1950s and led to a significant decline in numbers (King and 

Elsey 2014). During a ten-year period (1962-1971), the state of Louisiana closed alligator 

harvest programs giving the A. mississippiensis total protection allowing populations to 

recover (Joanen and McNease 1987) throughout their range (Hines 1979; Wood et al. 

1985; Dutton et al. 2001). By 1967, A. mississippiensis was listed as an endangered 

species in the federal Endangered Species Act (Langley 2005; Joanen and McNease 

1987); it was taken off the list by 1987 (Langley 2005). Since the protection of A. 

mississippiensis, the population has increased and continues to do so to the present. With 

the increase in human populations, the risks for human-alligator conflicts (attacks) are 

likely to increase due to human urbanization and loss of natural habitat (Hines and 

Woodward 1980; Dutton et al. 2001; Langley 2005; King and Elsey 2014). 

The distribution of A. mississippiensis ranges throughout the southeastern United 

States from East Texas, Oklahoma, Louisiana, Mississippi; parts of Alabama, Georgia, 

North and South Carolina, and Florida.  The species commonly inhabits regions of 

swampy marsh lands, lakes, streams, and rivers (Elsey and Woodward 2010). A key 

biological indicator is a species that, with their presence, establishes and maintains the 

health and survival of an ecosystem.  The A. mississippiensis is one of those key indicator 

species. Their influence potentially increases the biodiversity and maintains the richness 

of all the species located in that ecosystem (Kushlan 1974). 
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CHAPTER II 

EVALUATING THE EFFECTS OF THREE PRESERVATION METHODS ON DNA 
QUALITY AND MORPHOLOGY OF MUSEUM SPECIMENS OF THE AMERICAN 

ALLIGATOR (Alligator mississippiensis) 

 

ABSTRACT 

 Museums specimens are preserved in a way that provides a unique perspective of 

gathering information that can date from the present to millions of years ago. This 

information allows scientists to have access to an exceptional resource of species that 

would otherwise prove difficult to obtain. The purpose of this study is to examine two 

size groups (juveniles and adults, n=9 per age group) of the American alligator (Alligator 

mississippiensis) to: (1) compare the efficacy of three methods (dermestid beetles, burial, 

cold water maceration) of cleaning and preserving full body skeletons and give a 

taphonomic ranking system to the skeletons; (2) evaluate which method yields the highest 

quantity of DNA by comparing DNA concentrations between three types of bones 

(articular, tooth cavity, and femur) while also examining two different processes 

(completely destructive vs. minimally destructive). With the extraction method of choice 

(Rohland and Hofreiter 2007) and from a simple two-sample t-test, there was no 

significant difference between the “minimally destructive” and the “completely 

destructive” process of the bones from all preservation methods. However, for the 

dermestid beetle colony analysis, there was a significant difference for the femur between 

juveniles and adults (p-value = 0.02984); and between femur and articular regardless of 

size groups (p = 0.0005971). These results allow for recommendations to museum 
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curators, scientific researchers, who may be interested in working with/studying 

crocodylian museum specimens. 

INTRODUCTION 

Today, museum collections have increased in importance, both to scientific 

studies and to society. According to the National Research Council (NRC 2003), museum 

collections not only play a role in the health and safety of the public through studies of 

environmental health, but also are important as a tool for homeland security when it 

comes to the detection and prevention of future biological terrorist attacks (Suarez and 

Tsutsui 2004). Due to the potential risks of biological warfare, studying origins of disease 

and virus evolution from museum specimens can give governments an advantage in 

protecting their citizens. From the crucial concept of public safety in the United States 

and throughout the world, specimens from collections have given researchers a unique 

opportunity to gain understanding of viruses, diseases, and environmental contaminants 

(Suarez and Tsutsui 2004). Examples include: T-cell lymphotropic virus (Li et al. 1999), 

chytridiomycosis (Fellers et al. 2001; Daszak et al. 2003), and Hantavirus (Mantooth et 

al. 2001). Preservation of specimens and even infectious agents such as viruses in 

museums could allow researchers to track and follow the historical backgrounds of 

infectious health risks and identify the source of origin of infections (Suarez and Tsutsui 

2004). 

Information is becoming increasingly available to the public and scientific 

community through access to virtual and digital databases for research and educational 

purposes. Museums purposely preserve specimens to give scientists the unique 

perspective of examining data that ranges in age from millions of years old to the present 
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(Suarez and Tsutsui 2004). Specimens in natural history collections can provide valuable 

information on the diversity, distribution, and taxonomic relationships of species 

(Graham et al. 2004). Over the years, it has become apparent that these collections are 

essential for researchers in the field of systematics and evolutionary biology.  The 

morphology and spatial variation of skeletal remains, especially the skull can be 

influenced by various biological processes and could potentially signal geographical and 

environmental selective pressures that result in different functional responses (Foote 

1997; Zelditch et al. 2004; Weaver 2012). However, the use of these collections is not 

limited to those fields. Today, scientific collections are important in a variety of 

biological fields such as: climate change, invasive species, and biodiversity (Suarez and 

Tsutsui 2004). Physically preserving the morphology of skulls, for example in 

crocodylians, provides valuable information that has led to increasing studies of shape 

variation and morphological disparity that has been implemented in various phylogenetic 

studies (Brochu 2000; Brochu and Densmore 2001; Stayton 2005; Pierce et al. 2009; 

Weaver 2012). 

Specimens found in museum collections are crucial for studies of biodiversity. 

The urgency to preserve these collections has increased as extinctions continue and 

habitats change (Vitousek et al. 1996; Ponder et al. 2001; Suarez and Tsutsui 2004). 

Museum collections are extensively used and scientists travel all over the world to view 

and examine their collections. Often museums loan specimens to researchers who are 

interested in widely varied fields of study (Suarez and Tsutsui 2004). Museum specimens 

are crucial for studying systematics, yet are equally beneficial to advancement of both 

basic and applied sciences (Suarez and Tsutsui 2004).  Systematic studies that use 
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museum collections range from diverse taxonomic vertebrate groups, examples include: 

mammals (e.g., Rice 1998; Bradley and Baker 2001), birds (e.g., Payne 1986; Padian and 

Chiappe 1998), and crocodylians (e.g., Densmore and Owen 1989; Brochu 1992, 1997, 

2000). Therefore, the care that goes into the preservation of museum specimens is 

paramount.   

Methods of Preparing Museum Specimens 

Maintenance, preparation, and preservation of museum specimens are all critical 

for scientific studies, yet these processes are both labor- and time-intensive. Over time, 

many methods have been developed and used to prepare and preserve skeletal specimens 

for museum collections, but none have been examined in terms of the costs and benefits 

of the preservation methods for the specimens.  Some of the methods that will be 

discussed further below include, but are not limited to: specimen burial, cold water 

maceration, and the use of dermestid beetles. Since 1922, one of the most commonly 

used methods of preparing skeletons in museums is cleaning by dermestid beetles (Hall 

and Russell 1933; Tiemier 1940; Sommer and Anderson 1974; Backwell et al. 2012). It is 

more economical for museums to utilize this method when they have a large number of 

small/medium sized specimens to skeletonize (Sommer and Anderson 1974), as it causes 

minimal damage to the specimens.  Concomitant with the use of dermestid beetles, two 

important ancillary techniques have been developed: (1) the use of cotton beds, and (2) 

the use of formalin.  The cotton beds allow the specimens to be free from surrounding 

debris while placed in the beetle colony. Using formalin, one can manipulate the beetle’s 

feeding rate on specific tissue sites of interest in order for certain articulations to be 

maintained within the skeletal specimen (Sommer and Anderson 1974). The dermestid 
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beetle method has proven to be the most efficient and suitable for small vertebrates, but is 

difficult for larger specimens (Sommer and Anderson 1974).  

It has been suggested that burial is a more suitable method for larger sized 

specimens, while the process of maceration with cold water is often preferred for much 

smaller specimens (Davis and Payne 1992). Depending on the size of the specimen, the 

burial method may take anywhere from two months up to two years to clean a full 

skeleton (Davis and Payne 1992). The advantages of utilizing cold water maceration are 

that it is easy and will not damage or shrink the skull or skeleton (Sullivan and Romney 

1999). Alternatively, there is also warm water/enzyme maceration, however this both 

increases the chances of damaging the skull of the specimen, and can also cause 

shrinkage (Davis and Payne 1992; Sullivan and Romney 1999). 

DNA Extraction and Specimen Use 

There are many important issues to consider for specimen use in molecular 

research studies: (1) techniques for DNA extraction, (2) different ways to minimize DNA 

contamination, and (3) ways to reduce the amount of damage to each specimen during the 

extraction process of DNA. Museum specimens provide a unique resource of DNA that 

can offer a number of opportunities in evolution and ecology. Specimens can provide 

quality character information for morphological studies and provide data on phylogenetic 

relationships through molecular genetic testing providing sufficient quantity and 

relatively good quality DNA (Cooper 1994). Today, analyzing population genetics is an 

important approach in museums, because of the millions of specimens stored in natural 

history collections throughout the world (Wandeler et al. 2007). Conservation genetic 
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DNA analysis already has been shown to be key in aiding the survival of rare or 

endangered species when it comes to assessing potential evolutionary significance and 

inferring change in population structure or size (Wandeler et al. 2007). DNA extraction 

and analyses of samples can enhance the importance of specimens in museum 

collections, especially when identifying unknown specimens and their place of origins. 

Cooper (1994) stated that specimens most desirable for DNA sampling are 

organisms that are well preserved, macroscopically. When it comes to the extraction of 

DNA, successful amplification is dependent on the material being sampled and the 

quality of the DNA reducing contamination by dust, dermestid beetles, human DNA, or 

any other environmental factors that come into contact with the specimen (Cooper 1994). 

Additionally, DNA quantity and quality are also affected by how specimens are stored, 

and the type of cleaning method used (Burger et al. 1999; Backwell et al. 2012). Since 

molecular genetic analyses can involve the destruction of the specimen itself, it is 

important for molecular biologists to work with museums to determine which approaches 

are most appropriate (Cooper 1994).  Communication is crucial to prevent any potential 

conflict between museum curators and researchers when it comes to the possible damage 

done to rare specimens resulting from the extraction of DNA.  Finding an easily 

accessible source that provides a suitable quantity of amplifiable DNA from different 

bones with minimal damage to specimens is critical for future research (Casa-Marce et al. 

2010).  

Casas-Marce et al. (2010) showed that mammalian samples which produced 

higher yield and better quality DNA came from bone rather than hides. Sampling 

techniques utilized by molecular biologists from cutting and drilling into bone can result 



Texas Tech University, Brandon A. Gross, December 2017 
 

15 
 

in destruction of distinct morphological landmark characters (Wisley et al. 2004). 

Multiple studies have examined alternative methods of extracting DNA from both cranial 

and post-cranial bones in order to understand relationships among taxa; including: 

maxillotubinal bone (Hillenius 1992; Wisely et al. 2004; Wandeler et al. 2007), tooth 

cavity (Rohland and Hofreiter 2007), humerus (Yang et al. 1998), and ribs (Ovchinnikov 

et al. 2000). Whilst, the maxilloturbinal bone in the nasal cavity has been shown to 

provide good quality DNA for genetic studies, while not compromising any integrity of 

the specimen or morphological characters (Wisely et al. 2004). Instead, I will use the 

articular bone from the mandible to prevent potential damage to the upper region of the 

skull. However, the process of DNA extraction can potentially damage specimens in 

natural history collections and often makes museum curators hesitant when loaning 

specimens to researchers. Knowing the most appropriate and least damaging method of 

DNA extraction may encourage curators to allow access to valuable specimens. 

Aims and Objectives 

The study proposes to examine three types of skeletonizing methodologies (i.e., 

burial, cold water maceration, and dermestid beetles) to produce and preserve full and 

completely intact body skeletons of American alligators (Alligator mississippiensis). The 

various methods will be tested on individuals of different age groups (N = 18, 9 juveniles, 

and 9 adults).  Extracting DNA from the specimens will allow for comparison of the 

quantity of DNA extracted from three different bones and determine the most appropriate 

method (i.e., completely destructive vs. minimally destructive; Rohland and Hofreiter 

2007; Lee et al. 2009; Bolnick et al. 2011) of bone extraction and relative DNA quantity 

with minimal damage to museum specimens by utilizing the Qubit 3.0 Fluorometer.  
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There are two main aims of the project: (1) we will compare the efficacy of 

different methods of cleaning and preserving full body skeletons to determine which is 

most appropriate for the different age groups; (2) we will determine which method yields 

the highest quantity of DNA by comparing DNA concentrations between three types of 

bones (articular, tooth cavity, and femur) for every individual from the three cleaning 

methods. Accomplishment of the first objective will develop detailed protocols that will 

be made available through public access for the use of researchers and educators in 

describing the requirements needed to produce a skeleton for each age group. 

Accomplishing the second goal will reveal the quantity of DNA from bone extractions 

(Cooper 1994) and examine three bones from the pre- and post-cranial regions that allow 

for the extraction of DNA with little damage to morphological landmarks. 

This project will help characterize what is needed for better preservation of 

museum specimens and determine the best (or at least an optimal) method for DNA 

extraction with minimal destruction of specimens in museum collections for future 

morphological projects.  With this understanding, museum curators should be much more 

comfortable allowing researchers’ access to rare specimens for future studies.  Because it 

affords access to an entirely new source of specific information, it can also aid in our 

knowledge and understanding of the taxonomic relationships between groups that have 

been difficult to resolve, such as extant crocodylians. The information will be used to 

evaluate any possible errors or questions of phylogenetic relationships (Graham et al. 

2004). Skeletons and skulls can be used as research-based educational materials and 

contribute to development of databases for future research. Research and education 
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collaborations will also be established with faculty and students at institutions with 

underrepresented groups in science through participation in this study.  

 

MATERIALS AND METHODS 

Study animal 

The American alligator (Alligator mississippiensis Daudin, 1802) is one of two 

species of the genus Alligator (Figure 2.1a).  The other species is the Chinese alligator 

(Alligator sinensis Fauvel, 1879) (Figure 2.1b). Alligator mississippiensis is listed under 

CITES (Appendix II) and considered a species of lower risk/least concern (IUCN Red 

List 2009) meaning that the species is less threatened, but due to exploitation and its 

resemblance to the American crocodile (Crocodylus acutus), still warrants protection 

(Ross 1989; Janes 2004). Alligator mississippiensis is distributed throughout the 

southeastern United States from East Texas, Oklahoma, Louisiana, Mississippi; parts of 

Alabama, Georgia, North and South Carolina, and Florida (Figure 2.2).  The species 

commonly inhabits regions of swampy marsh lands, lakes, streams, and rivers (Elsey and 

Woodward 2010). A key biological indicator is a species that, with their presence, 

establishes and maintains the health and survival of an ecosystem, and A. mississippiensis 

is one of those key indicator species. Their presence potentially increases the biodiversity 

and maintains the richness of all the species located in that ecosystem (Kushlan 1974).  

Seasonal changes and temperature fluctuations allow sexual reproduction to begin 

for A. mississippiensis in spring (Joanen and McNease 1979; Lance 1989).  As winter 

comes to an end, water and air temperatures rise, which leads to the breeding courtship 
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behavior in mature adult A. mississippiensis. Females will breed with the dominant males 

in their inhabited areas, as well as sub-adult males, and will then leave open water to find 

a nesting site (Garrick and Lang 1977; Joanen and McNease 1980; Vliet 1987; Lance 

1989).  Clutch size for A. mississippiensis ranges anywhere from 2 to 50 eggs with an 

incubation normally lasting about 66 days, but which can be longer due to local weather 

conditions (Lance 1989; Lang and Andrews 1994).  Once the eggs are laid, female A. 

mississippiensis may guard the nest throughout the two-month incubation period and may 

open her nest in response to her hatchling’s vocalizations (Kushlan 1974; Herzog 1975; 

Lance 1989).  

Male A. mississippiensis will approach sexual maturity around 10 years in 

Louisiana, with a minimum length 1.8 meters (m) (most researchers consider 183 – 213 

cm to be adults) (Chabreck and Joanen 1979; Klause 1984; Joanen and McNease 1987; 

Lance 1989). Although smaller, females will generally reach sexual maturity at the same 

age as males in Louisiana, and will reach the peak of their sexual reproductive potential 

at 20 years of age (McIlhenny 1934; Ferguson 1985; Lance 1987). Most species of the 

order Crocodylia can be divided into four different age groups based on length of the 

individual animal. For A. mississippiensis, the two size groups focused in this study are: 

juveniles (<183cm) and adults (>183cm) (Chabreck and Joanen 1979; Klause 1984; 

Joanen and McNease 1987; Lance 1989) (Figure 2.3). 

Location of Study Site 

The study site was located at the Rockefeller Wildlife Refuge (RWR) within parts 

of Cameron and Vermilion Parishes. Rockefeller Wildlife Refuge consists of 76,042 
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acres of land that is currently owned and maintained by the Louisiana Department of 

Wildlife and Fisheries (LDWF).  The RWR borders 26.5 miles of the Gulf of Mexico and 

radiates inland six miles towards Grand Chenier ridge (Figure 2.4).  Out of the 5 million 

estimated population size of A. mississippiensis throughout their entire range, 

approximately 1.5 million reside within the borders of Louisiana, and RWR has a 

significant portion of that population.  RWR is well known for its research on life-history, 

physiology, and farming programs for A. mississippiensis (Morici et al.1997; Davis et al. 

2001; Elsey and Kinler 2012). 

Data Collection 

Initial population estimates for all crocodylian species typically are conducted 

through surveys using night spotlighting (Messel et al. 1981; Magnusson 1982; Wood et 

al. 1985; Platt and Thorbjarnarson 2000). Spotlight surveys, generally start at 

approximately 15 to 30 minutes following sunset (Messel et al. 1981; Platt and 

Thorbjarnarson 2000).  Following methods described in Platt and Thorbjarnarson (2000), 

Alligator mississippiensis individuals generally are approached within close proximity to 

allow more accurate estimation of total length (TTL) of the animal based on the distance 

between the eyes (Magnusson 1983). For A. mississippiensis, this study focused on 

juveniles (<183cm) and adults (>183cm). Capture of A. mississippiensis individuals of 

most crocodylian species (juvenile and adult) are conducted by noose-pole (Cherkiss et 

al. 2009). Animals were provided by Rockefeller Wildlife Refuge (RWR) and the 

Louisiana Department Wildlife and Fisheries (LDWF) through the collaborative study. 

Meristic measurements, weight, sex, and tissue (muscle) samples were collected from 

each individual (N = 18, 9 juveniles and 9 adults).  
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Individuals were given separate identification numbers to distinguish animals 

from one another through a numerical tagging system (BG-001 – 009 (juveniles) and BG-

010 – 018 (adults)).  Meristic measurements collected included: total length (TTL), 

snout-vent length (SVL), tail length (TL), head length, half-head length, head width, 

occipital length, inter-ocular width, nose width, rostrum, jaw length, and mandibular 

symphysis in order to have a complete dataset for each individual collected (Webb and 

Messel 1978; and pers. comm., M. Anaya-Venegas) (Figure 2.5). All measurements were 

described in centimeters (cm). Weight was determined in kilograms (kg) and 

determination of sex was conducted through examination of the cloaca (Brazaitis 1968; 

Platt and Thorbjarnarson 2000) (Table 2.1). Individuals were used for the purpose of 

replication in this study, therefore only animals that met the arbitrary category lengths for 

juveniles and adults were utilized (Figure 2.3). Animal Care and Use Committee at Texas 

Tech University protocol #X16061 was issued for study. 

Methods of Preparation and Preservation of Skeletons 

Preparation of Skeletons 

 Before specimens were assigned into the different methods for cleaning, they 

were stored in -80°F walk in freezer. The individuals were stored at the NSRL (Natural 

Science Research Laboratory) at the Museum at Texas Tech University. When needed, 

specimens were placed in a 129 x 91 x 30 (cm) crate and taken to the Lubbock Lake 

Landmark (Figure 2.6) and were thawed for a period of three days (November 6– 8, 

2015). The bottom of the box was layered with newspaper and plastic heavy duty trash 

bags to soak up any water and blood and to prevent leakage from the crates (Figure 2.7). 
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Specimens were taken to the museum lab in preparation for skinning. The thick outer 

skin was removed from all 18 individuals based from modern skinning practices 

documented for the American alligator (Figure 2.8), modified to keep all osteoderms 

(dorsal scales) for weight comparison for each step in the process from complete animal 

to skeleton. Once the skin was removed, a majority of the muscle and all major organs 

were removed from every specimen to ensure a quicker process of skeletal preservation.  

Burial Method 

 The Department of Natural Resources Management research site (The Range 

Barn) was used as the burial site (Figure 2.9A). One set with three replicates each for 

both groups of A. mississippiensis individuals (N=6, 3 juveniles and 3 adults) were 

buried. Each specimen was wrapped with wire fencing to prevent loss of bones and to 

prevent potential predators from getting access to the carcass (Figure 2.9B).  The six 

specimens used in this portion of the study were placed in a 426 x 121 x 121 (cm) hole 

separated by trays (Figure 2.9C). Once the hole was covered half way with soil, a layer of 

mesh wire was used to indicate caution to not cause damage to the skeletons while 

excavating specimens. Environmental data were collected daily during the progress of the 

full skeleton decomposition, i.e., temperature and humidity were measured on a daily 

basis until skeletons were taken out of the ground. Differences in the length and weight of 

individuals can potentially lead to variation in the time required for complete 

decomposition.  

Depending on the size of the specimen, the burial method may take up to two 

years to completely clean full skeletons (Davis and Payne 1992). Once specimens were 
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removed from the ground, they were washed in tap water and set out to dry outside. Once 

specimens were cleaned, samples from three types of bones were taken: (articular bone, 

tooth cavity, and femur) and extracted from every specimen for DNA quantity 

comparison. As noted earlier, Davis and Payne (1992) suggest that the burial method is 

more suitable for specimens of larger size. 

Maceration Method with Cold Water 

 The process of maceration with cold water is preferred for smaller specimens 

(Davis and Payne 1992). One set with three replicates each for both groups of A. 

mississippiensis (N=6, 3 juveniles and 3 adults) skeletons were bisected and placed into 

the maceration tub (50 gal), covered in mesh wire and securely placed in a crate designed 

(97 x 33 x 42) (cm) to hold the tub in with water in place (Figure 2.10A). The crates were 

labeled and locked for security measures to prevent predators and the public from 

compromising the specimens (Figure 2.10B). The method of maceration with cold water 

was also performed at the Natural Resources Management research site (The Range 

Barn) (Figure 2.10C). Specimens were monitored and recorded daily for completion and 

readiness to be taken out of the maceration tubs. Temperature and humidity were 

measured and recorded daily until skeletons were removed from the maceration pool. 

Once specimens had gone through the water maceration process the solution was drained, 

skeletons were cleaned in fresh tap water, and scrubbed with a tooth brush. Specimens 

were left out to dry in a dark closed climate-controlled room. 

Once specimens were cleaned, samples from three types of bones were taken 

(articular bone, tooth cavity, and femur) and extracted from every specimen for DNA 
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quantity comparison. The advantage of maceration with cold water as compared to warm 

water is that it will not damage or shrink the skull due to high temperatures that can 

actually cause bone tissue to dissolve (Sullivan and Romney 1999).  

Method using Dermestid Beetles 

 Possibly the most commonly used method of cleaning skeletons is 

dermestid beetles (Hall and Russell 1933; Tiemier 1940; Sommer and Anderson 1974). 

Took one set of three replicates for both size groups of A. mississippiensis in this study (3 

juveniles and 3 adults) of full body skeletons and skulls and placed them into separate 

beetle colonies. Separate glass enclosures were utilized based on the total length of the 

animals in order to hold both the specimen and the beetle colony (Figure 2.11).  

Individuals from each age group were placed into separate enclosures one at a time, while 

the other specimens were stored in a -80°C freezer. The enclosures are built to prevent 

escapes and deaths of dermestid beetles. Natural Science Research Laboratory (NSRL) at 

the Museum of Texas Tech University agreed to store the specimens, and house the 

enclosures and the colonies for the study. The dermestid beetle colony was in a secluded 

area of the museum (Figure 2.12), where the colonies were kept at a temperature range of 

80-88°F (26-31°C) and humidity (20%). The species used at the NSRL was the Hide 

beetle (Dermestes maculatus) (De Geer, 1774) (Figure 2.13).  

Prior to placement in the beetle colonies, specimens were removed from the 

freezer and placed in a vacuum hood to dry out (3 – 5 days depending on the size of the 

specimen). Specimens in the colonies were monitored every other day by the same 

observer. The duration it took for the different sized specimens to be cleaned were 
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recorded.  Once cleaned, the skeletons were then placed in a -80°C freezer for 2-3 weeks, 

guaranteeing that any beetles or larvae left on the specimens died (pers. comm., Heath 

Garner). Temperature and humidity was measured every 2-3 days until skeletons were 

taken out of the dermestid colony enclosures. Data collected from this part of the study 

will lead to the development of a detailed protocol for insuring dermestid beetle survival 

during the cleaning of crocodylian skeletal specimens. Once specimens were cleaned, 

samples from three types of bones (articular bone, tooth cavity, and femur) were taken 

and extracted from all specimens for comparisons of DNA quantity. Simple statistical 

analysis will included two sample t-test averages, standard deviations, and standard errors 

for comparison between groups and for all treatment types concerning time and 

environmental measurements (temperature and humidity) that were collected. A detailed 

layout of the experimental design can be seen in Figure 2.14. 

Skeletal Taphonomic Classification Ranking 

 Vertebrate taphonomy can be defined as the transition of organic matter into the 

geological record (Lyman 1994). Taphonomy has been acknowledged as a valuable 

application within paleontology that seeks to distinguish various processes 

(biostratinomic, biological, and chemical) that take place when an organism fossilizes 

(Efremov 1940; Behrensmeyer and Kidwell 1985; Brett and Baird 1986; Beardmore et al. 

2012). Until recently the complexities of such processes that a specimen is subjected to 

over time between the time of death and burial have gone underappreciated for years 

(Beardmore et al. 2011; 2012). Significant levels of disarticulation and incomplete 

crocodyliform fossil remains are largely due to rapid burial (Syme and Salisbury 2014). 

A novel method has been developed for taphonomic classification and has been tested on 
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pachypleurosaurid reptiles (an extinct sauropterygian) and marine crocodiles 

(Mesoeucrocodylia) (Beardmore et al. 2011; 2012), but has yet to be performed on 

specimens of extant organisms that have been preserved by museums. In this study and in 

previous studies, each American alligator (Alligator mississippiensis) skeleton was 

divided into nine different anatomical units (head, ribs, left and right front limbs, left and 

right back limbs, neck, dorsal, and tail vertebrae (Figure 2.15, from Beardmore et al. 

2011). The fidelity within the preservation of these nine anatomical units will be based on 

two measurements (articulation and completeness) from a ranked scale of 0 to 4 (Figure 

2.16, from Beardmore et al. 2012). All specimens used in this study were placed 

concordantly, with the dorsal side up. 

DNA Extraction and Comparative Analyses 

Most of methods used for DNA extraction are generally designed to deal with 

fresh samples (blood or tissue) where cells are intact and that contain a significant 

amount of high quality and quantity of DNA. Research has traditionally shown that any 

ancient DNA that is preserved is conserved in small amounts and in various degradation 

states (Rohland and Hofreiter 2007). Because ancient DNA can easily be damaged by 

various processes, it is therefore paramount that methodologies involving ancient DNA 

extractions avoid overly aggressive methods, such as high temperatures or the utilization 

of strong chemicals (Pääbo 1989; Höss et al. 1996; Rohland and Hofreiter 2007). The 

proposed method for extraction in this study has been proven to provide a compromise 

between the release of DNA, DNA degradation from the extraction process, and DNA 

separation from PCR inhibitors that are found in ancient specimens (Rohland and 

Hofreiter 2007). The method used by Rohland and Hofreiter (2007) is a silica extraction 
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method and has several advantages over other ancient DNA extraction methods as it is: 

(1) quick and easy; (2) scalable; (3) simple to implement; and (4) has efficient removal of 

inhibitors. 

From these different types of skeletal cleaning methods, it is then possible to 

determine the appropriate method that allows for optimal extraction of total genomic 

DNA from the specimens, comparison of the quantity of DNA between different bones, 

and determination of the most appropriate method of bone extraction with minimal 

damage of the museum specimen. Total genomic DNA was isolated by proteinase K 

digestion, extracted, electrophoresed on a 1.5% agarose gel, and visualized using 

ethidium bromide under UV light (Sambrook et al. 1989; Palumbi 1996; Hekkala 2009). 

DNA was extracted from each individual using the protocol described by Rohland and 

Hofreiter (2007) with minor modifications. Several bones were examined from pre- and 

post-cranial regions (from each individual), which allowed for extraction of DNA without 

seriously damaging the specimen. Specific bones used for DNA extraction were: articular 

bone, root of tooth cavity (Rohland and Hofreiter 2007), and the femur. With each bone 

used in the protocol, two treatments were tested (pulverize vs. nondestructive “minimal”), 

except the teeth, which received the nondestructive treatment. 

The ancient DNA silica extraction protocol utilized is a two-day process that can 

be split into seven sections with a total of 26 steps (Rohland and Hofreiter 2007). Before 

the extraction of DNA, two rooms were necessary to separate the extraction process from 

the reagent setups and PCR. The preparation of buffers and setups of reagents varied in 

length of time. Times ranged from 30 – 60 min up to 5 hrs. The reagents used in this 

protocol include: extraction solution (0.45 M EDTA and 0.25 mg ml-1proteinase K, pH 
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8.0); binding buffer (5 M GuSCN, 25mM NaCl, and 50 mM Tris); washing buffer (50% 

v/v ethanol, 125 mM NaCl). The preparation of the silica suspension involved 4.8g of 

silicon dioxide (SiO2) in water (40 ml) and was left to settle for a period of 1 hr. Then 39 

ml of supernatant was transferred into a new tube and allowed to sediment for another 4 

hrs. After that, 35 ml was discarded and 48 µl of 30% w/v HCl was added. An adequate 

amount of solution was prepared for seven sample extractions at a time. Before 

manipulation of specimens and extraction of DNA, equipment was separated and stored 

so as to prevent cross-contamination between extractions. Working areas and equipment 

were cleaned with sodium hypochlorite (bleach) solution, and then rinsed with HPLC-

grade water. Before the actual DNA extraction from the samples, the bones used in this 

study were submerged in 6% w/v sodium hypochlorite for approximately 15 min, rinsed 

with DNA-free HPLC-grade water for (x2), and then finally placed in ultraviolet (UV) 

light for 10 min per side to eliminate surface DNA contamination from any 

environmental source (Kemp and Smith 2005; Bolnick et al. 2012). 

The extraction procedure for (Rohland and Hofreiter 2007) was split up into five 

sections for the two days. For day 1, there were two sections; sample preparation and 

DNA release. Section 1 (Steps 1-4): Sample Preparation – 15-30 min per sample. (Step 1) 

– Dirt was removed from the surface of specimen with tissue with HPLC-grade water if it 

was necessary. (Step 2) – Removed outer surface from part of the specimen with a single 

use grinding tool. This step was to help improve the ratio between endogenous and 

contaminating DNA (Rohland and Hofreiter 2007). (Step 3) – A piece of the specimen 

was removed for ‘minimal damage’ method or drilled into for ‘completely destructive’ 

method from the inside specimen to obtain fine powder. Drill settings were set to low 
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speed to avoid overheating. (Step 4) – Weighed 500 mg of bone sample and transferred it 

into a 15 ml tube. Section 2 (Steps 5-7): DNA release – 1 day (10 min work required). 

(Step 5) – Added 2 ml extraction solution to each 500 mg sample. In this part of the 

process, blank extraction tubes were added to the process to monitor chemical 

contamination or any cross-contamination (Rohland and Hofreiter 2007). (Step 6) – 

Sealed the capped tubes with Parafilm and incubated with gentle agitation overnight in 

the dark (16-24 hrs). (Step 7) – Incubated with agitation for additional 1-3 hrs at 56°C. 

The logic behind this step is that it is thought to improve the digestion of the sample, and 

therefore release more DNA, but very high temperatures can cause further damage or 

degradation to the DNA (Rohland and Hofreiter 2007). 

The second day, there were three sections; DNA binding, washing, and elution. 

Section 3 (Steps 8-10): DNA binding – 30 min (for seven samples and a negative 

control). (Step 8) – Centrifuged the samples for 4 min at 3,000 g. (Step 9) – Transferred 

the supernatant into 8 ml binding buffer in a 50 ml conical tube, added 100 µl silica 

suspension and adjusted the pH to ~4.0 by adding ~ 300 µl of 30% w/v HCl. It is 

important to note that I added 200 µl of 30% w/v HCl, mix and measured the pH, and 

then added an additional 25 µl until the pH of 4.0 is achieved. (Step 10) – closed tubes 

and sealed with Parafilm, and then incubated with agitation for 3 h in the dark. Section 4 

(Steps 11-21): Washing – 1 -2 hrs. (Step 11) – centrifuged samples for 4 min at 3,000 g, 

poured supernatant into new tube. (Step 12) – added 1 ml binding buffer to silica pellet 

and re-suspended the silica by pipetting up and down in the tip. (Step 13) – transferred 

buffer-silica suspension into new 2 ml tube. (Step 14) – centrifuged for 15 s at 16, 000 g 

(~13,000 rpm). (Step 15) – discarded the supernatant and removed any remaining 
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solution with pipette. (Step 16) – added 1 ml washing buffer to pellet and re-suspended 

silica by pipetting up and down. (Step 17) - centrifuged for 15 s at 16, 000 g (~13,000 

rpm). (Step 18) - discarded the supernatant and removed remaining solution with pipette. 

(Step 19) – repeat steps 16-18 once. (Step 20) – centrifuged again for 15 s at 16,000 g 

(~13,000 rpm) and removed remaining liquid. (Step 21) – dried silica at room 

temperature for ~15 min with open lid. Section 5 (Steps 22-25): Elution. (Step 22) – 

added 50 µl TE buffer to the dried silica and re-suspended by stirring with pipette tip 

carefully pipetting up and down. (Step 23) – incubated with closed lids for ~10 min; and 

shaken occasionally. (Step 24) – centrifuged for 2 min at 16,000 g (~13,000 rpm). (Step 

25) – transferred supernatant into a fresh tube 2 mL tube. The time and g force 

adjustments were modified in Steps 8 and 11 to accommodate the centrifuge used for this 

study, an Eppendorf 5804 R (Eppendorf AG, Hamburg, Germany). Max g force (rcf) for 

the 5804 R is 3234 rcf. The equation that was used to calculate the time (T) adjustment is 

T = ((a x b) /c), where: a = previous study’s run time; b = g-force of rotor used from 

previous study; and c = g-force for current study (Griffith 2010). 

To examine which method yields the highest quantity DNA, we compared and 

estimated the DNA concentration from bone extractions (Cooper 1994) by Qubit 3.0 

Fluorometer (use light sensitive fluorochromes that bind specifically to dsDNA) and 

verification with gel electrophoresis (Simbolo et al. 2013). Each DNA bone sample (2 µl) 

was then quantified utilizing Qubit 3.0 Fluorometer, which was calibrated with the 

Quant-iT HS (High Sensitivity) Assay. A partial cytochrome-b (cyt-b) mitochondrial 

gene fragment (288 bp) was amplified to evaluate the DNA from the American alligator 
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as a measure to confirm that the DNA that was extracted was indeed from A. 

mississippiensis and verify that there was no contamination by any other external source.  

The primers used in this study for cyt-b (cybtA14605 and cybB14920) were 

modified from Gatesy et al. (2003) (Table 2.2). Polymerase chain reactions (PCR) were 

performed in 25 µL volumes using 3.5 µL of total DNA (tDNA) (5ng/ µL), 14.610 µL of 

ddH2O, 5 µL of buffer D (0.3 M TRIS, 0.0175M MgCl2, and 0.075 M (NH4)2SO4), 1 µL 

of 2.5 mM dNTPs, 0.375 µL (10 mM) of forward primer, 0.375 µL (10 mM) of reverse 

primer, and 0.700 µL of BioLabs Taq DNA polymerase (BioLab, Inc., Lawrenceville, 

GA). Thermocycling conditions for cyt-b primers consisted of an initial denaturation step 

of 2 min at 94°C, then 45 cycles of 1 min at 94°C, 1 min at 53°C, then 1 min at 74°C; 

with final extension of 10 min at 72°C. This protocol was modified from Gatesy et al. 

(2003). Primers and dinucleotides not incorporated after PCR amplification were 

removed using a Qiagen PCR purification kit (Qiagen, Inc., Valencia, CA) (Weaver et al. 

2008). The PCR products were then cycle-sequenced using Big Dye v3.1 dye terminator 

(Applied Biosystems, Inc, Forster City, CA). Once cycle-sequence product was 

generated, it was purified by transferring the product through a G-50 Sephadex column 

(0.5 g of Sephadex/ 800 µL ddH2O); incubated for 30 min at room temperature and 

centrifuged (Microfuge 18 Centrifuge, Beckman Coulter) for 2 min at 3,000 rpm (Weaver 

et al. 2008). The dried product from the cycle-sequence clean-up was denatured in 

formamide and electrophoresed on an ABI 3100-Avant genetic analyzer (Applied 

Biosystems, Inc., Foster City, CA) and sent to Eurofin Genomics (Louisville, KY). 

Chromatograms were viewed and aligned using Sequencher 4.7 (Gene Codes Corp. Ann 

Arbor, MI) that allowed us to analyze the relative expression of cyt-b gene from bone 
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DNA. The purpose of sequencing these samples was to verify that the DNA extracted 

came from A. mississippiensis and was not due to contamination of Homo sapiens or 

Dermestes maculatus DNA. Sequences were aligned to a reference A. mississippiensis 

sample obtained from NCBI GenBank database (Accession Number: AY239157.1). 

 

RESULTS 

Preparation and Preservation of Skeletons 

 Prior to placement of specimens into the three various preservation methods 

(dermestid beetles, cold water maceration, and burial), the specimens were weighed 

through each various stage from the beginning to the end result of “skeleton only” (Table 

2.1). Juvenile A. mississippiensis specimens originally had masses ranging from 1.8 – 4.4 

kg (average weight = 2.6 kg). Adults had an average of 23.8 kg, where specimens ranged 

from 13.8 – 36.9 kg. The average masses that were removed from each specimen after 

skeletonization before proceeding to one of the three preservation methods were 2.5 and 

21.9 kg (juveniles and adults, respectively). The final masses of all specimens were taken 

from the complete skeleton for juveniles and adults; these ranged from 0.1 - 0.2 kg and 

0.9 - 3.4 kg, respectively. 

Dermestid beetles took an average of 22 days and 93 days, to clean juvenile and 

adult skeletons respectively. For the juvenile specimens (BG - 002, 006, and 008), days to 

clean vary: 12, 27, and 28 days. Adult A. mississippiensis specimens (BG - 010, 017, and 

018) that were cleaned by dermestid colonies took 49, 86, and 145 days, respectively. 

Individual BG-010 took a longer time frame due to the loss of the beetle colony. The 

measured temperatures ranged from 84-92 °F in the beetle colony room at the Natural 
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Science Research Laboratory (NSRL) at the Museum of Texas Tech University. The 

humidity ranged from 68 – 86 %. Skeletons and skulls demonstrated articulation. 

For the burial method, it took a total of 272 days to clean juvenile and adult 

skeletons. It can be assumed that the juveniles were cleaned before the adults, but there is 

no data as to when cleaning was finalized. Individual BG-015 (adult) was still 

decomposing by the 272nd day when it was recovered. Skeletons and skulls demonstrated 

complete or near complete with cranial bone separation. Temperature (°F) and humidity 

(%) were recorded during the duration of the burial treatment (June 8, 2015 – March 5, 

2016). With increased activity of rain, thunderstorms, and snow, saw humidity increase 

(Figure 2.17).  

The third method, cold water maceration, also varied in the amount of time it took 

to clean skeletons varied between size classes. The juvenile A. mississippiensis group 

underwent the maceration process for a period of 13 days (August 2-14, 2016). The 

ambient temperature ranged from 70 – 95 °F with humidity ranging from 18 – 93 %. The 

adult specimens were placed in cold water maceration from June 12 – July 13, 2016 (32 

days). Temperatures during that time ranged from 71 – 98 °F and humidity values ranged 

from 8 – 97 %. Skeletons and skulls demonstrated complete (juveniles) or near complete 

disarticulation. 

Skeletal Taphonomic Classification Ranking 

The American alligator (A. mississippiensis) skeleton was divided into nine 

different anatomical units based on the taphonomic classification system developed by 

Beardmore et al. (2011, et al. 2012) (Figure 2.15). The classification ranking systems for 

the skeletons were evaluated on two variables: (1) articulation and (2) completeness of 
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the skeleton. The results are presented in Table 2.3. Within the articulation variable, the 

majority of the skeletons that were preserved from cold water maceration and burial, 

exhibited rank of 0 in most if not all nine anatomical units. Only the head and dorsal 

vertebrae units had a rank of 1 to 3. The skeletons that were cleaned from dermestid 

beetle colonies demonstrated a rank of 1 or greater in the various anatomical units, with a 

few minor exceptions (Table 2.3). For the second variable, completeness of the skeleton 

in the taphonomic classification, showed that all anatomical units had a ranking of 2-4 in 

completeness for all three methods of skeleton preservation (maceration, burial, and 

dermestid beetles), whereas the neck unit had the highest rank for every individual of the 

study (Table 2.3). 

DNA Extraction and Comparative Analyses 

 The bone extraction method developed by Rohland and Hofreiter (2007) was 

successfully used to extract DNA from the femur, articular, and tooth from the 18 

individuals utilized in this study. With the Rohland and Hofreiter (2007) method, the 

study examined if there was a difference between using a minimal destructive approach 

(piece of bone) verses a completely destructive method (bone powder).  Once samples 

were extracted, then estimated the DNA concentration from bone extractions (Cooper 

1994) by Qubit 3.0 Fluorometer and the results of the extractions. The DNA 

concentrations of all the samples (both bone and powder) from the femur, articular, and 

tooth are shown in Table 2.4, which shows the exact concentration for each individual 

sample in (ng/µL) along with the average and standard deviation among adults and 

juveniles for each type of extraction (femur (b), femur (p), articular (b), articular (p), and 

tooth (b)). The (b) represents the bone or piece of bone used for the extraction and (p) 
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represents bone powder (Table 2.4). There were two samples for which no DNA 

concentrations for; individual BG-008Dc (articular (p) and tooth (b)) from the dermestid 

beetle colony. The lowest detectable concentration reading was 0.063 (ng/µL) from 

juvenile BG-006Dc (also from the dermestid beetle colony). The sample with the highest 

DNA concentration was adult BG-012Gr (burial method) with 26.500 (ng/µL) from the 

femur (b).  

 Analysis of the DNA concentrations was performed with a two sample t-test in 

RStudio 1.0.143 (Racine 2012; Team R 2015). The samples were analyzed among 

different groupings: (1) femur (b) between juveniles and adults; (2) femur (p) between 

juveniles and adults; (3) articular (b) between juveniles and adults; (4) articular (p) 

between juveniles and adults; (5) femur (b) verses femur (p); (6) articular (b) verses 

articular (p); and finally (7) between femur and articular for each of the three preservation 

methods. For the burial method, the two sample t-test between the femur (b) between 

juveniles and adults was not significant (p-value = 0.3331). There was also no significant 

difference for: femur (p) between adults and juveniles (p-value = 0.2096), articular (b) 

and articular (p) between juveniles and adults (p-value = 0.1205, 0.2236, respectively). 

Next, we removed the size groups and combined them to analyze the differences between 

femur (b) and femur (p); articular (b) and articular (p), and between femur and articular 

for the individuals from the burial method. Using the two sample t-test, we found no 

significant between femur (b) and femur (p) (p-value = 0.4631), articular (b) and articular 

(p) (p-value = 0.3357), and between femur and articular (p-value = 0.4665). 

 The next preservation, we examined with the seven different two sample t-tests, 

we found that only comparisons among two groupings showed significant p-values 
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within the dermestid beetle colony. The two sample t-tests that were significant were: (1) 

femur (b) between juveniles and adults (p-value = 0.02984), and (2) between femur and 

articular (regardless of size groups) with a (p-value = 0.0005971). For the dermestid 

beetle colony analysis, there were no significant differences for comparisons of: femur 

(p) between adults and juveniles, articular (b) and (p) between juveniles and adults, femur 

(b) verses femur (p), articular (b) verses articular (p) (all p-value >0.05). The samples 

from cold water maceration were analyzed among the same groupings and were not 

significantly different: (1) femur (b) between juveniles and adults (p-value = 0.3383), (2) 

femur (p) between juveniles and adults (p-value = 0.3754), (3) articular (b) between 

juveniles and adults (p-value = 0.4542), (4) articular (p) between juveniles and adults (p-

value = 0.3742), (5) femur (b) verses femur (p) (p-value = 0.6209), (6) articular (b) verses 

articular (p) (p-value = 0.8876), and finally (7) between femur and articular (p-value = 

0.0.3384). Since there were no significant differences within the burial method and water 

maceration comparisons, we were then able to run a two-sample t-test for femur and 

articular bones (burial method vs. water maceration). There was no significant p-value for 

either femur or articular between the two preservation methods (p-values = 0.6741, 

0.4103, respectively). 

 After the PCR amplification, the product was analyzed using 1.5% agarose gel. 

Of the 90 individual samples, 25 (27.7 %) of those samples showed bands within the 

approximate length of roughly 300 bp.  Of the 25 sequences, 22 sequences were from 

specimens that went through the Dermestid Beetle Colony method; the other 3 samples 

were from Cold Water Maceration. Further in depth, 12 samples came from the femur, 10 

articular samples, with three teeth samples. Excluding the teeth samples, 13 samples were 
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from the completely destructive method (powder), whereas 9 were from using a piece of 

bone (minimally destructive method). There were 23 samples that were cycle-sequenced 

and sent to Eurofins Genomics (Louisville, KY) to be sequenced. From those 23 

sequences, 8 of the sequences (34.8%) were successfully aligned to the AY239157.1 A. 

mississippiensis reference sequence, while 6 other sequences that came back were of low 

quality and could not be aligned to the reference sample (Figure 2.18). The rest of the 

sample sequences (39.1%) did not amplify. The sequences that were successfully aligned 

were all from the preservation method: dermestid beetle colony. From those sequences, 

there were 6 femur (3 bone and 3 powder) and 2 articular (1 bone and 1 powder). 

 

 

DISCUSSION 

 On the basis of preservation methods, cold water maceration proved to be the 

most time-efficient way to transition a carcass to skeleton for both the juvenile and adult 

size groups in A. mississippiensis. In terms of taphonomic classification, cold water 

maceration and burial method demonstrated the lowest rankings in terms of articulation, 

but all preservation methods demonstrated variability in completeness. It is important to 

understand that just because a skull has been disarticulated, does not mean it cannot be 

rearticulated, it simply becomes a matter of time commitment. With completeness in 

mind, the use of dermestid beetle colony would be the best option in terms of having a 

controlled environment to prevent the loss of any bones. The burial and water maceration 

had an increased risk in losing parts of the skeleton when draining the water from the 

tubs. 
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 The bone DNA extraction method developed by Rohland and Hofreiter (2007) 

proved to be an effective method in extracting DNA overall. Every sample that was 

extracted, gave DNA quantities for all samples, but two (BG-008Ap and BG-008Tb) 

from the Qubit 3.0 Fluorometer, which was most likely due to inadequate sample size to 

begin with. When analyzed, the concentrations within the two-sample t-tests, we found 

several interesting things. First and foremost, between both burial and water maceration, 

we found no significant differences between size groups or between the different bones; 

as we noted similar results between the completely destructive method (powder) and the 

minimally destructive method (bone). What this means is that using a post-cranial bone 

like the femur, is just as likely to provide adequate DNA concentrations from a bone of a 

skull. This means that if the museum has a complete skeleton of a specimen of interest, 

we can avoid the use of the skull if they were skeletonized using either burial or 

maceration process. For both processes, it is crucial to note that there was no significant 

difference between bone powder (completely destructive) and a piece of bone (minimally 

destructive), indicating that we can confidently tell museums that we can use the 

minimally destructive method to extract DNA from their specimen with little damage and 

not worry about completely destroying their specimen.  

The use of the dermestid beetle colony showed two unique results. A significant 

difference was found between the two age groups (juveniles and adults) for the minimally 

destructive extraction method (piece of bone) and a significant difference between the use 

of the articular bone and the femur. Unfortunately, additional samples are needed to fully 

characterize what is occurring. Generally, the same results were recovered with the use of 

dermestid beetle colony, as with the other two methods. We noted no difference between 
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the use of the completely destructive method and the minimally destructive method. 

Finding an easily accessible source that provides a suitable quantity of amplifiable DNA 

from different bones with minimal damage to specimens is critical for future research 

(Casa-Marce et al. 2010).  

 This study only focused on using the articular, femur, and teeth; for a more 

comprehensive study it would be beneficial to examine other parts of the skeleton, 

because some specimens in museums may not have those bones available. The ability of 

this method to extract DNA that could be sequenced, and the sequences aligned to a 

reference proved to be successful. However, some sequences did not align to the 

reference. This may not be due to contamination from human or dermestid DNA, but that 

the sequence quality was so low, that those sequences could not align. This low quality 

could be due to the DNA itself being too fragmented; alternatively, the gene we chose 

may not have been the best choice, other genes that focus on smaller regions < 250 bp, 

such as microsatellites might prove more useful in future studies. Whether the approach 

in this study can consistently be replicated among other species of the same taxonomic 

group or across different taxa is unknown and needs further investigation. Benefits of this 

study were that use of only one protocol for DNA extraction implemented and two ways 

to utilize bone (completely destructive “pulverize” or minimally destructive) were simple 

and time-efficient; however, the chemical costs can be prohibitive. With these results, we 

can present recommendations to museum curators, scientific researchers, who may be 

interested in working with/studying crocodylian museum specimens. 

Within this study, there are a few recommendations for “Best Practices” for when 

it comes to the preparation and preservation of museum specimens, for all vertebrates and 
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not just crocodylians. In general, when it comes to the acquisition of vertebrate 

specimens, it is reasonable practice to freeze specimens that are part of the natural history 

collection (Hendry 1999). However, Flordian (1990) argues against the practice and 

suggests that it could reduce the specimen’s potential for any type of research (Hendry 

1999). Freeze-drying vertebrate specimens is imperative to dry-preserve any material 

such as tissue, blood, and more specifically DNA and RNA (Hendry 1999) for molecular 

systematic studies is critical, and therefore recommend for the practice to continue. 

Whereas vertebrates that are used and prepared by general techniques for taxidermy for 

display or for study skins for the purpose of morphological studies, should be prepped in 

a timely manner while the specimens are fresh (Hendry 1999). A limited number of 

methods for preparing vertebrate skeletons have been identified in this study and amongst 

others; variations among these methods are considerable (Hendry 1999). Museums have 

general chosen the most practical method of skeleton preparation that have proven to be 

quick and produce relatively good results (Hendry 1999) and used that method for all 

vertebrates. However, what determines as “good results” is unclear.  

It is good practice to know what the specimen is going to be used for before 

deciding what preparation method to use for skeletonization (Hendry 1999). Within the 

different types of methods, each general method has to pro and cons. For example, for the 

burial method, Hounsome (1988) came up with the idea that mixing soil with sand will 

speed up the process, whereas Hendry (1999) found museums using cow fecal matter 

(Hendry 1999). Amongst the methods used in this study, even though cold water 

maceration creates distinctive odors, vertebrate specimens can easily be monitored and 

potential be more appropriate for specimens that are either immature and/ or cartilaginous 
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(Hendry 1999). To reduce the smell, the use of running water or replacement of the water 

with using agar has been recommended (Hurlin 1918; Hendry 1999). Based on the results 

of this project, the study recommends that the use of dermestid beetle colonies for all 

vertebrates ranging from small to large vertebrates (up to crocodylians) for the ability to 

achieve successful DNA extraction for further research with minimal disarticulation of 

the skull. However, since some successful DNA amplification also came from cold-water 

maceration, but with more disarticulation of the specimens’ skulls is another method of 

choice. I would only recommend this method if the museum has the space, access to 

running water and a filtration system that can handle this particular preparation method. 

Unfortunately, large vertebrate such as Cetacea, Proboscidea, would be impossible to 

place in a tank or beetle colony, and therefore the burial method would be the only 

reasonable option. For the sole purpose of DNA extraction and quality for scientific 

studies from this project, the best recommendation is the use of dermestid beetle colony 

with minimal human physical contact with the surface of the specimen to help prevent 

potential contamination between human and vertebrate. 
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CHAPTER III 

CONCLUSIONS 

Conservation and Management Implications 

Natural history collections have long demonstrated that their specimens provide 

details of information on the diversity, distribution, and taxonomic relationships of 

species (Graham et al. 2004; Holmes et al. 2016; Ruane and Austin 2017). Increasingly, 

more information is becoming available to both the public and scientific community 

through the research done over the years in many fields (Suarez and Tsutsui 2004), but 

particularly in museum science. The morphological and spatial variation of skeletal 

remains, particularly the skulls of many fauna, can be influenced by various physio-

chemical biological processes and could potentially signal geographical and 

environmental selective pressures that result in different morphological responses (Foote 

1997; Zelditch et al. 2004; Weaver 2012). Therefore, the methods and maintenance that 

are used in the preparation and preservation of museum specimens is important.  

Utilization of museum specimens is crucial for understanding taxonomy and also can 

benefit the advancement of both basic and applied sciences (Suarez and Tsutsui 2004).  

Museum collections are extensively used by and scientists who travel all over the 

world to view these collections. Often museums loan out specimens to researchers who 

are interested in varied fields of study (Suarez and Tsutsui 2004). Systematic studies that 

use museum collections include analyses from diverse taxonomic groups such as 

mammals (e.g., Rice 1998; Bradley and Baker 2001), birds (e.g., Payne 1986; Padian and 

Chiappe 1998), snakes (Ruane and Austin 2017) and crocodylians (e.g., Densmore and 
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Owen 1989; Brochu 1992, 1997, 2000). Therefore, the preservation of high quality 

museum specimens is paramount.  If museums can find a way to preserve these 

specimens in a way that can provide both morphological and genetic information from 

skeletal samples from groups of organisms such as the Crocodylia, while maintaining the 

integrity of the specimen, it can open the doors to many new collaborative opportunities 

for the museum and scientific communities. Additional methods of DNA extraction (e.g., 

Lee et al. 2009; Bolnick et al. 2011) from bone with minimal damage to the specimen 

need to be investigated to try to isolate high quality of DNA in optimal quantities. Such 

innovates should give rise to studies utilizing older and rarer specimens in the collections. 

The museum communities have been somewhat (understandably) reluctant to 

allow ancient DNA studies to be completed on human remains, as well as on “one of a 

kind” specimens since ancient DNA extractions have traditionally required the 

destruction of skeletal samples (Bolnick et al. 2012). Two conflicting views potentially 

limit this use of ancient DNA work; (1) the need to conserve specimens or (2) opposition 

to the destruction of remains (Bolnick et al. 2012). If the scientific community can 

continue seeking methods of DNA extractions from bone with minimal damage to the 

specimen and yielding a satisfactory quantity of quality DNA, such work can proceed.  

Museums preserve specimens to give scientists the unique perspective of 

gathering information that dates back millions of years ago. This provides scientists an 

exceptional resource of species for scientific access, that would otherwise prove difficult 

to obtain in the field (Suarez and Tsutsui 2004; Ruane and Austin 2017). Most 

approaches for extracting DNA from dry, formalin-fixed, or fluid-preserved specimens 

are time-dependent and often produce relatively poor DNA in terms of both quality and 
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quantity (Ruane and Austin 2017). However, DNA sequences and other genetic 

information have been recovered from bone or from other types of dry preservations of 

specimens from the present to individuals that were prepared over 100 years (Payne and 

Sorenson 2002; McCormack et al. 2016; Ruane and Austin 2017). A recent study has 

demonstrated a new molecular approach, using UCEs (Ultra-conserved elements) in 

order to sequence DNA from both formalin-fixed and fluid-preserved snakes collected 

from 1913 – 1990 (Ruane and Austin 2017). Not only have UCEs been shown to be 

useful in this study, but have recently been successfully isolated from bone fragments in 

bird specimens (McCormack et al. 2016). 

Future Directions 

The potential for future work in this field is practically endless and there are many 

aspects that can and should be examined. From the results of this study we can apply how 

we can test other methods of DNA extraction (Lee et al. 2009; Schwarz et al. 2009; 

Bolnick et al. 2012) and see how these results compare to the Rohland and Hofreiter 

(2007) method. Each method has its relative strengths and weakness, but how do they 

compare to each other in terms of DNA extraction and quantification remains unknown. 

Not only are the methods chosen for DNA extractions important, so are the methods used 

to quantify the DNA. Rohland and Hofreiter (2007) mentioned three potential ways to 

measure DNA quantification: agarose gel, Nanodrop spectrophotometer, and quantitative 

PCR (qPCR). Extracted DNA samples were electrophoresed in an agarose with ethidium 

bromide. Unfortunately, resulting DNA often originates from other sources, and the 

results from the agarose gel can be misleading, possibly due to contamination. Other 
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various dyes (SYBR Green and SYBR Gold) that are more sensitive and if utilized for 

ancient DNA may prove to be more useful (Rohland and Hofreiter 2007).  

The Qubit 3.0 Fluorometer was employed as the main method for measuring 

DNA quantification for this study. However, qPCR was not able to be applied in this 

study due to both cost and time. This study focused only on three anatomical skeletal 

locations for extractions (articular, femur, and teeth), and future work can expand on 

these results using other parts of the skeleton for comparison. Using next-generation 

sequencing and the application of UCEs (Ruane and Austin 2017), it will be interesting to 

determine if there is variation among these elements throughout the skeletal system. 

Another area for future study might involve soil samples were taken at the beginning, 

middle, and end of the burial method duration, so a related metagenomics study can look 

at how the microbial content and/ or activity within the soil may be affected by the 

fluctuations of environmental factors and comparisons of different soil types. 
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Table 2.1. Meristic measurements were collected for all 18 individuals used in this study. Measurements include: total length (TTL), 
snout-vent length (SVL), tail length (TL), head length (HL), half-head length (1/2 HL), head width (HW), occipital length (Occ), 
inter-ocular width (In-ocW), nose width (NW), rostrum (Rost), jaw length (Jaw), and mandibular symphysis (Smand). All 
measurements were taken in centimeters (cm) and mass was taken in kilograms (kg). Appropriate gender-labelled M and F were given 
to represent male and female specimens. Individuals labelled with an ID number between (BG-001 - 009) are identified as juveniles 
and individuals with an ID of (BG-010 -018) are labelled as adults. 

Catalog 
ID 

                 
Juveniles TTL  SVL  TL HL 

1/2 
HL HW Occ 

In-
ocW NW Rost Jaw Smand Sex  Original Mass In-between Mass Final Mass Preservation Method 

BG-001 126.7 58.0 68.7 15.6 8.9 7.7 4.5 2.3 6.6 11.0 16.3 1.9 F 4.4 2.0 0.2 Burial Site 
BG-002 104.9 47.5 57.4 12.4 6.8 7.0 4.0 1.8 5.2 8.9 13.6 1.4 F 2.4 1.2 0.1 Dermestid Beetle Colony 
BG-003 113.8 53.0 60.8 14.4 8.4 7.3 4.1 2.1 5.7 10.3 15.4 1.7 M 2.7 1.0 0.2 Burial Site 
BG-004 103.4 48.9 54.5 12.8 7.4 6.4 4.0 1.5 5.3 8.7 14.0 1.5 M 2.7 1.4 0.1 Cold Water Maceration 
BG-005 113.5 49.1 64.4 12.8 7.0 6.5 3.9 1.9 5.2 7.7 13.9 1.6 M 2.7 1.2 0.1 Burial Site 
BG-006 106.1 50.6 55.5 12.5 6.8 6.5 4.2 1.8 5.3 8.4 14.0 1.7 M 2.9 1.5 0.2 Dermestid Beetle Colony 
BG-007 101.7 46.7 55.0 12.3 6.8 6.4 3.6 1.9 5.4 8.2 13.2 1.4 M 2.1 1.5 0.1 Cold Water Maceration 
BG-008 94.6 44.7 49.9 11.3 6.2 6.0 3.6 2.0 4.9 8.6 12.4 1.3 M 1.9 0.8 0.1 Dermestid Beetle Colony 
BG-009 101.6 47.5 54.1 11.9 6.9 6.2 3.8 1.7 4.9 8.6 13.1 1.5 M 1.8 1.0 0.1 Cold Water Maceration 

                  Catalog 
ID 

                 
Adults TTL  SVL  TL HL 

1/2 
HL HW Occ 

In-
ocW NW Rost Jaw Smand Sex  Original Mass In-between Mass Final Mass Preservation Method 

BG-010 184.0 88.4 95.6 22.8 15.3 13.5 7.0 3.0 9.4 16.9 26.5 2.8 F 16.5 8.9 1.5 Dermestid Beetle Colony 
BG-011 200.9 96.4 104.5 24.8 15.7 13.5 7.2 2.2 9.2 16.7 26.3 2.5 M 24.7 10.2 1.4 Cold Water Maceration 
BG-012 205.3 99.8 105.5 26.2 16.8 14.1 7.4 3.3 10.6 18.2 28.7 3.1 F 21.7 6.4 1.7 Burial Site 
BG-013 179.8 87.2 92.6 22.1 13.6 12.8 6.5 2.5 8.6 15.4 24.2 2.6 F 13.8 7.4 1.3 Cold Water Maceration 
BG-014 188.8 90.1 98.7 23.9 15.2 13.0 7.0 2.9 10.1 16.6 26.1 2.6 F 14.9 4.9 0.9 Burial Site 
BG-015 216.7 107.7 109.0 27.6 17.6 16.2 7.4 3.3 11.2 19.8 30.7 3.3 M 24.6 12.5 1.9 Burial Site 
BG-016 211.8 100.9 110.9 25.9 17.1 15.5 7.4 3.3 11.1 18.3 29.1 2.8 F 24.8 9.9 1.9 Cold Water Maceration 
BG-017 235.6 116.5 119.1 30.5 19.4 17.6 8.2 3.0 12.8 20.7 32.8 3.2 M 36.9 16.2 3.2 Dermestid Beetle Colony 
BG-018 237.3 115.0 122.3 28.9 19.3 17.4 8.6 2.9 13.1 20.4 32.2 3.7 M 36.5 16.8 3.4 Dermestid Beetle Colony 
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Table 2.2. Primer sequences used to generate mitochondrial DNA (mtDNA) fragments from cytochrome b (cyt-b) 
gene 

            
 

Primer 
  

Sequence 
 

            

 
cybtA 14605 

  

5' CCATCCAACATCTCAGCATGATGAAA 
3' 

 
            
 

cybB 14920 
  

5' CCCTCAGAATGATATTTGTCCTCA 3' 
   

 

 

 

 

 

 

 



Texas Tech University, Brandon A. Gross, December 2017 
 

59 
 

Table 2.3. American alligator (Alligator mississippiensis) skeletons were ranked based on a two variables: (1) articulation and (2) 
completeness from 0 to 4 based on a Taphonomic Classification system (Beardmore et al. 2011) examining nine 'anatomical units': the 
head, neck, dorsal, and tail vertebrae, right and left front limbs, and finally the right and left back limbs. 

 

 
Taphonomic Classification Ranking: Articulation 

   
 

Head Neck Dorsal  Tail Ribs Front Limb ( R ) Front Limb ( L ) Back Limb ( R )  Back Limb ( L ) Preservation Method 

BG-004 0 0 0 0 0 0 0 0 0 

Cold Water Maceration 

BG-007 0 0 0 0 0 0 0 0 0 

BG-009 0 0 1 0 0 0 0 0 0 

BG-011 0 0 0 0 0 0 0 0 0 

BG-013 3 0 0 0 0 0 0 0 0 

BG-016 3 0 2 0 0 0 0 0 0 

BG-001 0 0 1 0 0 0 0 0 0 

Burial 

BG-003 0 0 0 0 0 0 0 0 0 

BG-005 0 0 0 0 0 0 0 0 0 

BG-012 2 0 0 0 0 0 0 0 0 

BG-014 3 0 0 0 0 0 0 0 0 

BG-015 3 0 0 0 0 0 0 0 0 

BG-002 4 3 3 1 0 0 1 2 1 

Dermestid Beetle Colony 

BG-006 4 3 2 1 0 0 0 2 1 

BG-008 4 4 3 2 1 2 1 1 1 

BG-010 3 2 2 1 0 0 0 1 2 

BG-017 4 2 4 1 0 0 0 1 0 

BG-018 4 0 2 1 0 0 0 0 0 
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Taphonomic Classification Ranking: Completeness 

   
 

Head Neck Dorsal  Tail Ribs Front Limb ( R ) Front Limb ( L ) Back Limb ( R )  Back Limb ( L ) Preservation Method 

BG-004 3 4 4 3 3 2 2 3 3 

Cold Water Maceration 

BG-007 3 4 4 2 3 2 2 2 2 

BG-009 3 4 4 3 2 3 3 2 2 

BG-011 4 4 3 3 3 4 4 3 3 

BG-013 4 4 4 2 2 4 4 4 4 

BG-016 4 4 4 2 3 2 2 3 3 

BG-001 3 4 3 3 2 3 3 4 4 

Burial 

BG-003 3 4 4 3 3 3 2 4 4 

BG-005 3 4 3 3 3 2 2 4 4 

BG-012 4 4 3 3 3 3 3 2 2 

BG-014 4 4 3 3 3 3 3 2 3 

BG-015 4 4 3 3 3 3 3 3 4 

BG-002 4 4 4 3 3 3 3 4 4 

Dermestid Beetle Colony 

BG-006 4 4 4 3 3 3 3 4 4 

BG-008 4 4 4 3 2 3 3 3 3 

BG-010 4 4 4 3 3 2 2 4 4 

BG-017 4 4 4 3 3 2 3 3 4 

BG-018 4 4 4 3 3 2 2 3 4 
 

 

Table 2.3.  Continued 
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Table 2.4. DNA concentrations were quantified using the Qubit 3.0 Fluorometer in (ng/µL). The 
table below represents the DNA extraction value, plus the mean and standard deviation for each 
sample. (b) bone and (p) powder represents the minimal destructive and complete destructive of 
the bone material used for the femur and articular bones. J = juvenile, A = adult. 

 
Femur (b) Femur (p) Articular (b) Articular (p) Tooth (b) 

BG-001Gr_J 0.642 1.150 0.277 0.082 0.165 

BG-003Gr_J 0.152 0.224 0.167 0.121 0.397 

BG-005Gr_J 0.269 0.764 0.123 0.097 0.125 

mean 0.354 0.713 0.189 0.100 0.229 

standard deviation 0.209 0.380 0.065 0.016 0.120 

 
          

BG-012Gr_A 26.500 3.530 6.930 13.000 0.494 

BG-014Gr_A 0.227 0.216 0.178 0.770 0.259 

BG-015Gr_A 2.050 3.380 5.760 0.260 0.080 

mean 9.592 2.375 4.289 4.677 0.278 

standard deviation 11.979 1.528 2.946 5.889 0.170 

 
          

BG-002Dc_J 2.700 8.530 0.121 0.118 0.108 

BG-006Dc_J 0.063 0.336 0.116 0.117 0.092 

BG-008Dc_J 0.159 9.640 1.140 0.000 0.000 

mean 0.974 6.169 0.459 0.078 0.067 

standard deviation 1.221 4.149 0.482 0.055 0.048 

 
          

BG-010Dc_A 5.320 6.970 0.327 1.580 0.139 

BG-017Dc_A 4.320 2.330 0.092 0.150 0.122 

BG-018Dc_A 3.420 5.800 0.197 0.444 0.115 

mean 4.353 5.033 0.205 0.725 0.125 

standard deviation 0.776 1.970 0.096 0.617 0.010 

 
          

BG-004Wm_J 0.202 0.208 0.194 0.154 0.171 

BG-007Wm_J 0.546 0.684 0.947 0.386 0.722 

BG-009Wm_J 0.313 0.479 0.359 0.296 0.209 

mean 0.354 0.457 0.500 0.279 0.367 

standard deviation 0.143 0.195 0.323 0.096 0.251 

 
          

BG-011Wm_A 6.540 14.000 0.618 4.070 0.086 

BG-013Wm_A 0.182 0.145 0.219 0.143 0.260 

BG-016Wm_A 0.897 0.760 2.500 0.421 0.215 

mean 2.540 4.968 1.112 1.545 0.187 

standard deviation 2.844 6.391 0.995 1.789 0.074 
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Figure 2.1. There are two species that belong to the genus Alligator. (A) The American alligator 
(Alligator mississippiensis Daudin, 1802).  A. mississippiensis is listed under CITES (Appendix 
II) and considered low risk/ or least concern species. American alligators are found in the United 
States. (B) The Chinese alligator (Alligator sinensis Fauvel, 1879) is considered critically 
endangered and found in China. 

           

Figure 2.2. The range of the American alligator extends throughout the southeastern United 
States (East Texas, Oklahoma, Louisiana, Mississippi, Alabama, Georgia, South and North 
Carolina, and Florida). Map created in ArcMap 10.4.3 (Esri). Spatial data source: Crocodile 
Specialist Group. 1996. Alligator mississippiensis. The IUCN Red List of Threatened Species 
1996:e.T46583A11061981.  
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Figure 2.3. American alligators and most crocodylians are divided up into four age groups based 
on length, for this study I used: juveniles (<183cm) (A) and adults (>183cm) (B) 

 

 

 

 

 

Figure 2.4. Specimens for this study came from Louisiana Department of Wildlife and Fisheries 
(LDWF), Rockefeller Wildlife Refuge (RWR). The refuge is located within Cameron and 
Vermilion Parishes, LA and encompasses some 76,042 acres of wetlands. 
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Figure 2.5. Meristic measurements collected from American alligators, included: Head length 
(A), Half-head length (B), Head width (C), Occipital length (D), Inter-ocular width (E), Nose 
width (F), Mandibular symphysis (G), Rostrum (H), Jaw length (I), and Total length (TTL), 
Snout-vent length (SVL), Tail length (TL) (J). All measurements were taken in centimeters (cm). 

 

 

 

Figure 2.6. Specimens were placed in a 129 x 91 x 30 (cm) crates and taken to the Lubbock Lake 
Landmark and were thawed for a period of three days (November 6 – 8, 2015). 
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Figure 2.7. The bottom of the boxes where alligators were thawed were layered with newspaper 
and heavy duty trash bags to soak up water and blood to prevent leakage from the crates. 
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Figure 2.8. The thick outer skin was removed from all 18 individuals using modern skinning 
practices set for the American alligator modified to keep all osteoderms for weight comparison 
from animal to skeleton. Most muscle and organs were removed to ensure a quicker process in 
skeletal preservation method. 

 

 

Figure 2.9. The Natural Resource Management research site (The Range Barn) was used as the 
burial site (A). Each specimen was wrapped with wired fencing to prevent loss of bones and 
prevent potential predators from getting access to the carcass and placed over a wooden platform 
(B). The six specimens used in this portion of the study were placed in a 426 x 121 x 121 (cm) 
hole. Once the hole was covered half way, a layer of mesh wire was used to indicate when 
necessary precaution (C). 
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Figure 2.10. Cold water maceration (A) Specimens were placed into a maceration tub (50 gal) 
cut in half, covered in mesh wire and securely placed in a crate designed (97 x 33 x 42) (cm) to 
hold the tub with water in place. (B) The crates were locked for security measured and labeled to 
prevent predators and the public from interaction with the specimens. (C) The method of 
maceration with cold water was done at the Natural Resource Management research site (The 
Range Barn). 

 

 

Figure 2.11. Separate glass enclosures were utilized based on the total length of the individual 
animal in order to hold both the specimen and the colony. 
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Figure 2.12. Texas Tech Museum Natural Science Research Laboratory (NSRL) agreed to store 
the specimens, house the enclosures and the colonies for the study. The dermestid beetle colony 
was closed off in a secluded area of the museum. 

 

             

Figure 2.13. The species used at the NSRL were the Hide beetle (Dermestes maculatus) (De 
Geer, 1774). 
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Figure 2.14. A detailed layout of the experimental design of thesis.  
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Figure 2.15. The American alligator (Alligator mississippiensis) skeleton was divided into nine 
different anatomical units: head (1), ribs (5), left (6) and right (7) front limbs, left (8) and right 
(9) back limbs, neck (2), dorsal (3), and tail vertebrae (4) (Beardmore et al. 2012). (Image from 
Lydekker 1879). 

 

 

 

 

 

 



Texas Tech University, Brandon A. Gross, December 2017 
 

71 
 

 

Figure 2.16. The fidelity within the preservation of these nine anatomical units was based on two 
measurements (articulation and completeness) from a ranked scale of 0 to 4 (Figure from 
Beardmore et al. 2012). 
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Figure 2.16.  Continued  
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Figure 2.16.  Continued  
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 Figure 2.16.  Continued  
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 Figure 2.16.  Continued  
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Figure 2.16.  Continued  
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Figure 2.16.  Continued  
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Figure 2.17. From the beginning of June 2015 through March 2016, temperature and percent 
humidity were recorded for the entire duration that the alligator specimens were buried at the 
Range Barn at Texas Tech University. Burial duration lasted a total of 272 days. Temperature 
(°F) (blue) and Humidity (%) (orange). 

 

 

 

 

 



Texas Tech University, Brandon A. Gross, December 2017 
 

79 
 

 

 

 

 

 

 

 

Figure 2.18. Sequences were aligned with the reference AY239157.1 (NCBI: Genbank) and demonstrate that the extracted DNA is 
from Alligator mississippiensis. Sequences were sent to Eurofins Genomics (Louisville, KY) and aligned using Sequencher 4.7 (Gene 
Codes Corporation). 

 


